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Microbes play ecological and biogeochemical roles in all environments, including 
in host-associated systems. They are central providers of ecosystem services, notably by 
transforming matter and energy (Kowalchuk, Jones et al. 2008). They also engage in social 
interactions that directly affect the health, development, and behavior of animals and plants 
(Das, Lyla et al. 2006, Van Der Heijden, Bardgett et al. 2008, Steffan, Chikaraishi et al. 
2015). Identifying the factors that influence community taxonomic assembly in 
microbiomes - i.e., which microbes are present and in what abundance - is necessary to 
predict how microbiomes might influence an ecosystem’s diversity, functional services, 
and overall health. 
Many studies have investigated the factors shaping microbial distributions and 
community diversity.  Despite a wealth of data on the topic, it has been challenging to 
identify universal principles of microbiome assembly across diverse systems.  For host-
associated microbiomes, for instance, it is often hard to quantify the relative contributions 
of host physiology versus environmental conditions in shaping microbiomes. This 
dissertation explores these challenges in both host-associated and free-living microbiomes 
that are subjected to distinct organizing factors. In Chapter 2, I sample across a diverse set 
of host-associated niches to understand how the microbiome of wild spotted eagle rays 
(Aetobatus narinari) differs from that of individuals housed at Georgia Aquarium.  In 
Chapter 3, I provide the first assessment of the microbiomes of African penguins 
(Spheniscus demersus), focusing the analysis on the variation among body site niches and 
one of the first characterizations of the oral microbiome of birds. Finally, in a collaborative 
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study that couples electrochemical measurements of redox substrates with analysis of both 
bacterial and archaeal microbiomes, I explore the role of environmental substrate 
availability in shaping community assembly.  
In Chapter 1 of this dissertation, I review the drivers of community taxonomic 
assembly in host-associated microbiomes. My review explores how processes such as 
dispersal, drift, diversification, and selection (Vellend 2010) shape the interplay between 
an animal and its microbiome and how these might differ under environmental change, 
including the transition from wild to captive environments for animals. I argue that 
characterizing the host microbiome’s "biogeography" among various body site niches, 
particularly over gradients of environmental change or host health, is essential for 
establishing baseline knowledge of what constitutes a stable or 'core' microbiome and 
identifying microbial taxa most likely to influence host health, negatively or positively. 
However, most host-associated microbiome studies have focused on humans, terrestrial 
mammals, model organisms, and commercially relevant species, leaving many 
microbiome-host relationships unexplored. These include diverse animals and plants in 
marine systems, which can be difficult to access and often require specific equipment and 
resources to sample. As an alternative, captive animals in zoos and aquariums can be 
accessed relatively easily and are typically maintained under controlled environmental 
conditions with low variability. While captivity has been shown to modify microbiome 
composition and richness, changes are often host species-specific and difficult to link to 
host health. I argue that studying captive animal microbiomes compared to those of wild 
populations is essential for distinguishing a natural versus unbalanced (or 'dysbiotic') 
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microbiome and can potentially help identify disease progression and enhance 
conservation strategies. 
In Chapter 2, I build on this theme by studying how the microbiome of a 
charismatic marine fish, the spotted eagle ray (Aetobatus narinari), differs between wild 
and captive individuals. This comparison, which was made possible by a collaboration with 
scientists at Mote Marine Laboratory and Georgia Aquarium, allowed me to explore the 
potential for environmental change to reshape animal microbiomes.  This study also 
explored differences in taxonomic assembly among body niches, including the skin, gill, 
and cloaca.  Microbiomes of captive eagle rays were also compared to those of cownose 
rays (Rhinoptera bonasus) in the same exhibit, allowing me to explore the effect of host 
identity on the ray microbiome. The results suggest that while captivity is associated with 
shifts in the spotted eagle ray microbiome, this restructuring is not absolutely determined 
by environmental conditions, as the microbiome remains distinct from that of other ray 
species and that of the surrounding water. Further, this restructuring does not appear 
associated with poor health, suggesting that the host can tolerate some amount of variability 
in community taxonomic assembly. 
Following a similar approach, in Chapter 3, I characterize the microbiome of 
African penguins (Spheniscus demersus) in captivity at Georgia Aquarium, focusing on 
variation among body niches and relative to patterns in the surrounding environment and 
in other vertebrates. My results suggest that the penguin microbiome is unique and contains 
high proportions of potentially novel microbes. Comparisons with other vertebrate hosts 
indicated that the oral microbiome of Spheniscus demersus is more similar to that of marine 
mammals, suggesting a potential role for shared diet in shaping this microbiome niche.  In 
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contrast, the cloaca microbiome is more similar to that of other birds, which indicates a 
differential effect of host identity on these two body sites. As for Aetobatus narinari, long 
term veterinary monitoring showed that the captive penguins were healthy, again 
suggesting that potential microbiome differences relative to wild populations are not 
associated with disease.  These results highlight the need to continue monitoring these 
microbiomes to establish a baseline for a healthy microbiome and potentially identify 
biomarkers indicative of host health. 
Finally, in Chapter 4, I characterized the 'free-living' microbiomes of marine 
sediments relative to surrounding geochemical conditions in the northern Gulf of 
Mexico.  I compared sediment microbiomes - focusing independently on both the archaeal 
and bacterial communities - among sites that span a gradient of water depth (continental 
shelf versus slope) and influx of organic matter. In contrast to the host-associated studies, 
taxonomic assembly in sediment microbiomes could be strongly linked to environmental 
parameters.  Shelf sediment microbiomes are characterized by taxa suggestive of sulfate 
reduction, organic matter degradation, and methane cycling, while slope sediment 
microbiomes are enriched in dissimilatory nitrogen cycling taxa, including those 
potentially linked to nitrate and metal reduction.  This study provides insight into the strong 
role of environmental redox conditions in microbiome assembly.  These conditions are 
undeniably shaped by regional patterns in biological activity and nutrient loading 
influenced by the Mississippi and Atchafalaya River systems. The region is influenced by 
both natural and anthropogenic disturbances, as well as by seasonal variation.  Such 
variation highlights a need to understand the potential effects of environmental change on 
 xxv 
microbial processes, while also suggesting the system as a model for teasing apart the 
drivers of microbiome assembly. 
Together, these studies advance our knowledge of how and why microbiomes 
change.  Exploring microbiomes across environmental and host-associated systems is 
necessary for understanding the full spectrum of nature's microbial diversity and its 




CHAPTER 1. DRIVERS OF MICROBIAL COMMUNITY 
ASSEMBLY, AND HOW ENVIRONMENTAL CHANGE AND 
CAPTIVITY AFFECT HOST-ASSOCIATED MICROBIOMES 
1.1 Drivers of microbial community assembly 
Microbes are both abundant and globally distributed, representing a large portion of 
the global genetic diversity. They are involved in all biogeochemical and elemental cycles 
on earth, are highly metabolically diverse, and appear to be capable of using almost every 
energy source presented to them (Kowalchuk, Jones et al. 2008). Moreover, microbes can 
serve as a food source or form symbiotic associations with other organisms, including 
plants and animals. These relationships directly affect these organisms’ health, 
development, and behavior, therefore contributing to ecosystem productivity and diversity 
(Das, Lyla et al. 2006, Van Der Heijden, Bardgett et al. 2008, Steffan, Chikaraishi et al. 
2015). Due to the central role of microorganisms as drivers of ecosystem function, 
understanding the factors that determine microbial community assembly is key to 
establishing general principles governing the structure, productivity, and diversity of these 
environments. In addition, establishing a conceptual framework of how microbes interact 
with each other, with other organisms, and their surroundings, can help predict how these 
communities change when confronted by external disturbances. Such knowledge is 
necessary to better preserve or engineer ecosystem services and resources in response to 
changes caused by increased anthropogenic pressure and climate change (Wallenstein and 
Hall 2012, De Vries and Shade 2013).  
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Most factors shaping microbial communities also structure macrobial communities.  
These factors include niche assembly and dispersal assembly rules, as well as ecological 
drift (Hubbell 2001, Nemergut, Schmidt et al. 2013, Stegen, Lin et al. 2013). However, 
microbes possess specific characteristics that differentiate them from their macrobial 
counterparts, and that may affect assembly processes. Compared to larger organisms, the 
small size of microbes allows them to be easily transported over greater distances through 
passive mechanisms such as air and water currents (Finlay and Clarke 1999, Finlay 2002, 
Wilkinson, Koumoutsaris et al. 2012). Moreover, they can also associate with macrobial 
hosts that can act as vectors (Troussellier, Escalas et al. 2017), and contribute to their 
dispersal potential, which is higher than for larger organisms. Besides their 
phylogenetically widespread capability to stay dormant or modulate their activity in 
response to stressful conditions (Lennon and Jones 2011), microorganisms have additional 
response mechanisms that allow them to adapt more efficiently to environmental 
disturbances. These include high genetic diversity within species (Achtman and Wagner 
2008), the capacity to use a large variety of energy sources (Kowalchuk, Jones et al. 2008), 
the ability to horizontally exchange genetic material (Ochman, Lawrence et al. 2000), as 
well as short generation times. Such traits impact microbial ecology and evolution, 
ultimately influencing the relative effect of factors involved in community assembly. 
To better characterize microbial biogeographic patterns, and the forces shaping their 
communities, several hypotheses on the nature and relative effect of variables involved in 
microbial community assembly have been proposed. These mainly diverge on the weight 
given to deterministic versus stochastic factors. The Baas-Becking hypothesis claims that 
“everything is everywhere – the environment selects” (Baas-Becking 1934), which 
 3 
highlights the importance of deterministic factors such as selection. In contrast, another 
hypothesis considers that past events, including dispersal limitation and past environmental 
conditions, are the main drivers of microbial community assembly, underlining the 
importance of stochastic processes (Hao, Zhao et al. 2016). Finally, a third alternative 
contemplates that processes from both these hypotheses influence microbial distributions. 
Their relative importance may vary at different stages of community assembly and across 
different systems and different microbial groups, or depend on the scales and metrics 
considered (Martiny, Bohannan et al. 2006, Nemergut, Schmidt et al. 2013, Li and Ma 
2016). 
Vellend’s microbial community assembly framework divides deterministic and 
stochastic processes into four categories: diversification, dispersal, selection, and drift 
(Vellend 2010). Diversification plays a central role in microbial community ecology 
(Rainey and Travisano 1998) and can be generated rapidly through mutation or horizontal 
gene transfer (HGT). While mechanisms leading to diversification can be difficult to 
measure, new genetic variations are subject to selection, which can profoundly affect 
community composition and function (Burke, Steinberg et al. 2011). Dispersal, on the other 
hand, is an essential process that governs the spatial movement of microorganisms and can 
affect microbial community assembly through migration and order of colonization, which 
can further affect microbial assembly (Nemergut, Schmidt et al. 2013). However, it is also 
difficult to quantify as current methods do not permit us to rule out that an organism that 
was not encountered, was not simply missed by the method used. 
Some studies hypothesize that microbes do not experience “dispersal limitation,” an 
idea supported by the presence of “unlikely inhabitants,” identified as microorganisms 
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found in environments that are not favorable to their metabolism (Finlay 2002, Fenchel 
and Finlay 2004, Hubert, Loy et al. 2009). However, spatial and temporal heterogeneity in 
microbial diversity reflects differences in dispersal patterns (Lindström and Östman 2011). 
Selection in response to both abiotic and biotic factors, including interactions with a host, 
is an important force structuring microbial communities (Martiny, Bohannan et al. 2006). 
While there is no consensus as to how selection relates to phylogenetic structure (Horner-
Devine and Bohannan 2006, Philippot, Andersson et al. 2010, Shapiro, Friedman et al. 
2012), dormant microbes, which can represent over 90% of certain communities (Locey 
2010), are capable of evading unfavorable external conditions, which can weaken the 
impact of selection on community composition. Finally, drift appears to be more critical 
when selection is weak, and both genetic diversity and the total number of community 
members are low; rare microbes being more strongly affected. Such conditions can be 
common for microbes in certain host-associated environments (Shafquat, Joice et al. 2014, 
Adair and Douglas 2017), while selection, diversification, and dispersal may play a larger 
role for “free-living” microbes. However, quantitative estimations of the simultaneous 
effect of these processes on community assembly remain elusive in many environments. 
Moreover, natural systems are subject to environmental fluctuations, adding another level 
of difficulty to tracking the relative influence of these factors over time (Nemergut, 
Schmidt et al. 2013, Stegen, Lin et al. 2013). 
Vellend’s conceptual theory allows us to consider community assembly in a relevant 
ecological framework. While microbial communities generally follow global 
organizational patterns observed in macroorganismal communities (Martiny, Bohannan et 
al. 2006, Astorga, Oksanen et al. 2012), exceptions exist. For example, in line with 
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macroecological principles, microbial communities follow the species-area relationship, 
the species-time relationship, and the distance-decay relationship. The species-area 
relationship establishes that larger areas usually support higher richness due to the presence 
of more niches, larger targets for dispersal, and the possibility to accommodate larger 
populations (Green, Holmes et al. 2004, Horner-Devine, Lage et al. 2004). The species-
time relationship and the distance-decay relationship state that richness increases over time 
(Adler and Lauenroth 2003), and that community dissimilarity increases as geographical 
distance increases (Bryant, Lamanna et al. 2008, King, Freeman et al. 2010), respectively. 
However,  relationships established between macroorganismal diversity and longitude, 
latitude, and altitude do not apply to microbial communities (Green and Bohannan 2006, 
McGill, Etienne et al. 2007, Hubert, Loy et al. 2009, Wang, Meier et al. 2017). While still 
unresolved, these disparities may be related to differences in the spatial scale over which 
chemical and physical factors influence microbes versus larger organisms, or be the result 
of differences in assembly dynamics between macrobial and microbial communities 
(Nemergut, Schmidt et al. 2013). Moreover, similarly to macro-organismal assemblages, 
microbial communities are usually composed of a limited number of dominant species, 
often considered as “ecosystem engineers,” while most members are found in low 
proportions. Indeed, these dominant species often have stronger interactions with the 
surrounding environment, and may be more affected by deterministic factors resulting from 
environmental change (Griffin and Wells 2017). In contrast, low abundance microbes may 
be more sensitive to stochastic drivers, such as drift. However, these “rare” members may 
play a more significant role than in macroorganismal systems, as they may be initially 
dormant and become active under environmental stress, facilitating community adaptation 
 6 
(Szabó, Itor et al. 2007). As differences in microbial community composition and diversity 
profoundly affect ecosystem functioning, better understanding the relative importance of 
deterministic versus stochastic factors on different members of the community, and how 
these factors affect microbial community assembly and function is key to preserve 
ecosystem services under ongoing environmental change. 
1.2 Differences between free living and host associated microbial community 
assembly 
It is now widely recognized that the microbiome is essential for all living 
organisms and plays a critical role in host fitness. It can directly affect host health by 
inhibiting pathogen colonization or interacting with the digestive, immune and 
neurological systems affecting host metabolism, development, and behavior (Hooper, 
Littman et al. 2012, Brestoff and Artis 2013, Kamada, Chen et al. 2013, Archie and 
Tung 2015). Characterizing microbiomes within an ecological framework is necessary 
to determine what constitutes a “healthy microbiome” and understand how this 
microbiome responds to external disturbances, such as infectious agents, and the 
holobiont (Costello, Stagaman et al. 2012). Doing so would be useful for enhancing 
treatment methods in human medicine (Costello, Stagaman et al. 2012), and for 
improving conservation strategies of wild fauna and their associated ecosystems 
(Trevelline, Fontaine et al. 2019, Banerjee, Cornejo et al. 2020).  
In addition to the previously discussed ecological and evolutionary processes that 
also apply to host-associated microbial systems (Vellend 2010, Shafquat, Joice et al. 
2014), the close interplay of the microbiome with the host and its surrounding 
environment can have a profound effect on the dynamics and the relative importance of 
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these factors on community assembly. For example, high inter-individual variability in 
microbiome structure, illustrated by the relatively low (50% or less) proportion of 
genera shared between closely related individuals (Turnbaugh, Hamady et al. 2009) and 
strong temporal variability across developmental stages, have been observed in host-
associated systems (Koenig, Spor et al. 2011). This variation suggests that certain 
functions, rather than taxa, may be more informative metrics of a “healthy microbiome.” 
This hypothesis, reinforced by high rates of HGT within body sites (Smillie, Smith et 
al. 2011, Huttenhower, Gevers et al. 2012), may involve important functions associated 
with less abundant or transient species (Shafquat, Joice et al. 2014). Moreover, 
deterministic processes, including host genetics, developmental shifts in immunity, or 
diet, contribute to microbiome variation. Indeed, host genetics influences microbiome 
assembly by imposing body site-specific physicochemical conditions (e.g., temperature, 
pH, humidity, oxygen concentration, nutrient availability) that act as filters for microbes 
and limit colonization (Costello, Stagaman et al. 2012).  
While changes in the relative importance of these processes affect microbiome 
assembly, none of them act in isolation. It is the interaction among these drivers and the 
different pools of microbes in an ecosystem that ultimately determines local microbiome 
assembly. Different microbial pools interact with each other through dispersal and are 
influenced by pairwise microbe-microbe and microbe-host interactions (Leibold, 
Holyoak et al. 2004). In comparison to certain processes that affect only within-host 
assemblies, dispersal and drift are also important at the metacommunity level (Adair 
and Douglas 2017). Specific host behaviors or other characteristics can 
increase/decrease the transmission of certain microorganisms (Bright and Bulgheresi 
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2010). For example, while dispersal is in part influenced by the intrinsic capability of 
each microbe to disperse, contact or proximity between hosts can modulate this process, 
substantially affecting inter-host microbiome variation (Burns, Miller et al. 2017). 
Moreover, commensal and symbiotic microbial species may vary in their fitness during 
non-host associated stages accounting for differences in transmission and assembly 
dynamics. This underscores the importance of host to host interactions on microbiome 
transmission (Costello, Stagaman et al. 2012), and in some microbe-host partnerships, 
the importance of vertically transmitted microorganisms in maintaining consistency of 
microbiome composition  (Bright and Bulgheresi 2010, Adair and Douglas 2017). Host 
effects on dispersal can also interact with diversification. For example, periodic 
dispersal of microbes between host-associated pools can be a source of diversity by 
providing new species that may facilitate adaptation. These incoming species may then 
be subjected to other modes of microbiome transmission that operate within the host, 
e.g., mother to offspring transmission that subsequently purges diversity or reshapes 
composition (Fukami, Beaumont et al. 2007, Urban, Leibold et al. 2008). Microbial 
dispersal can also be affected by the surrounding environment, and hence, host 
microbiome assembly. However, the level of exposure can specify body site 
microbiome composition (Zhou, Gao et al. 2013). Indeed, the level of exposure to 
external conditions creates a fundamental divide between microbial communities living 
on surface areas compared to those present in more internal sites. Therefore, 
understanding the biogeography of the host-associated microbiota through space and 
time is key to determine what a healthy microbiome looks like taking into account body 
site-specificity, and better identify early disease states.  
 9 
The inherent differences in microbial structure and other biotic and abiotic factors 
associated with different body sites make them more or less susceptible to invasion by 
other microbes. These invaders could include pathogens but also potential therapeutic 
microorganisms from transplants that may, therefore, have varying levels of success 
(Costello, Lauber et al. 2009). For example fecal microbiota transplants have been used 
to treat certain gut dysbiosis successfully. This type of transplantation can help recover 
from recurrent Clostridium difficile infections, despite the mechanisms not been fully 
understood (Seekatz, Aas et al. 2014). However, microbiota transplants from other body 
sites are not as common and remain poorly understood. For instance, the first human 
skin microbiota transplantation with Roseomonas mucosa was recently successful in 
treating atopic dermatitis. Nonetheless, a combination of factors, including 
environmental ones such as topical products used, might have altered the effectiveness 
of this procedure (Myles, Earland et al. 2018). Indeed, while microbiome transplantation 
appears as a promising therapy to treat dysbiosis, the relative effect of other factors can 
influence microbial community composition and the capacity of incoming 
microorganisms to establish themselves efficiently. Therefore, it is important to 
consider shifts in microbiome composition associated with differences in exposure, e.g., 
the introduction of the host into a new environment, versus microbiome shifts associated 
with changes in host health and ecology, caused by changes in diet, behavior, 
metabolism, and physiology. Such changes can differently alter microbe-microbe and 
host-microbe interactions depending on the body site. 
In summary, the combined effects and relative importance of stochastic and 
deterministic processes would, therefore, result in high intrinsic variation in host-
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associated microbiomes. This multi-factorial phenomenon highlights the need to 
consider host-associated microbial community assembly in light of a meta-community 
framework. This framework should consider the physiology, behavior, and ecological 
state of the host, as well as those of free-living and host-associated microbial 
communities (e.g., in different body-site niches), and environmental and other external 
factors (Spor, Koren et al. 2011, Adair and Douglas 2017). A prime example of a 
microbiome studied under a meta-community framework is the gut microbiome. Often 
the largest in the body, it is involved in key metabolic processes (Turnbaugh, Hamady 
et al. 2009), plays a central role in harvesting energy from food by processing non-
digestible compounds, and modulates gut transit and energy expenditure. The gut 
microbiota is also involved in host metabolism, physiology, immune system function, 
and even behavioral traits (Flint, Scott et al. 2012). Therefore, gut dysbiosis can have 
significant consequences not only on digestive capacity and gut health but also on the 
overall protection against infection and disease. Indeed, an altered gut microbiome has 
been related to chronic digestive conditions, e.g., Chron’s disease (Lewis, Chen et al. 
2015), immunometabolism in which immune cells respond differently to stimuli 
depending on the host metabolic and physiological state (Belizário, Faintuch et al. 
2018), and psychopathologies, e.g., anxiety, panic, depression, psychosis, and delirium 
(Sternbach and State 1997).  
As one of the major modulators of gut microbial structure, diet can largely 
influence gut and host health. Turnbaugh and collaborators showed in 2009 that 
switching from a plant-based, low-fat diet to a high-fat, high-sugar diet significantly 
modified gut microbial communities of gnotobiotic mice that had received human fecal 
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transfers, within a day (Turnbaugh, Hamady et al. 2009). This change altered 
community structure, the relative importance of certain metabolic pathways, gene 
expression, and increased mice adiposity, highlighting the predominant effect of diet on 
the gut microbiota and its repercussions on host metabolism and physiology 
(Turnbaugh, Hamady et al. 2009). Similar to the assembly in free-living communities, 
the order of colonization coupled with microbe-microbe interaction effects can also alter 
microbial community assembly and ultimately affect host health (Gomez de Agüero, 
Ganal-Vonarburg et al. 2016). Microbe-microbe interactions can modulate microbiome 
composition and influence colonization by external microbes or the pathogenicity of 
existing ones (Ramsey, Freire et al. 2016, Zhang, Derrien et al. 2016). For example, 
Staphylococcus aureus pathogenicity can decrease when Corynebacterium spp. is also 
present (Ramsey, Freire et al. 2016), and the establishment of certain foodborne 
microbes such as Lactococcus lactis is highly dependent on the microbial community 
structure already present in the gut (Zhang, Derrien et al. 2016). 
The effect of stochastic processes is also crucial in driving microbial community 
assembly at earlier developmental stages and linked to the maternal environment (Wen, 
Ley et al. 2008, Gomez de Agüero, Ganal-Vonarburg et al. 2016). While several hosts 
receive their first microorganisms from the mother, the rearing environment can 
significantly influence microbiome assembly (Orcutt, Gianni et al. 1987, Lucas and 
Heeb 2005). For example, a study on the cloaca microbiome of blue and great tit 
nestlings showed that nestlings of different species raised in the same nest harbored a 
more similar microbiome compared to their biological siblings raised in a different nest, 
underlining the impact of the rearing environment, particularly in early life stages 
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(Lucas and Heeb 2005). Gene mutation, transfer, and genetic drift also participate in 
shaping host-associated microbial community assembly. Gene mutations have been 
associated with changes in diversity that can translate into a disease state (Levy, Thaiss 
et al. 2015). For example, a mutation in the gene MEFV that encodes pyrin alters the 
gut microbiota and causes familial Mediterranean fever (Khachatryan, Ktsoyan et al. 
2008). Gene flow also affects microbiome assembly processes and varies based on the 
body site niche. For example, HGT may be more common among microbes sharing the 
same body site (environmental niche) (Smillie, Smith et al. 2011), and may also be 
modulated by phage interactions (Wang, Gao et al. 2016). Finally, the influence of 
genetic drift can vary among body sites based on differences in population size and 
connectivity to external microbial/gene pools. Indeed, systems that involve the repeated 
elimination of microbes (i.e., the gastrointestinal tract) may be more sensitive to drift by 
recurrently decreasing the relative abundance of community members (McKenney, 
Koelle et al. 2018). 
Finally, the essential role of the microbiome as a driver of host health has triggered 
an increasing effort to characterize host-associated microbial communities, their 
variation, and the different factors determining community assembly. Due to the 
potential for microbiome studies to enhance medical treatment strategies, such interest 
has been mostly concentrated on mammals and humans. However, studying 
microbiomes of non-model organisms is essential to identifying unifying processes of 
assembly that extrapolate across systems. Such studies can be used to improve or 
develop new conservation strategies at the ecosystem level. This research is currently 
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critically needed as increasing climate change and anthropogenic disturbances continue 
to undermine ecosystems’ diversity and function. 
1.3 Effects of environmental change on host-associated microbiomes 
Currently, climate change and anthropogenic activities are drastically altering 
ecosystem diversity by causing species relocation or extinction, destroying habitats, and 
changing trophic structures (Dunne and Williams 2009, Doney, Ruckelshaus et al. 2011). 
Despite the faster adaptation rate of microorganisms compared to larger animals, 
environmental changes also affect microbial communities, either by changing the 
surrounding physicochemical properties, or by modifying the interactions between 
different microbial pools (e.g., host-host or host-environment).  Such changes can create 
disturbances that affect ecosystem-level processes. For example, increased temperature 
and atmospheric CO2 concentrations, along with increases in other pollutants, are expected 
to increase primary plant production, and therefore carbon sequestration (Vitousek, Aber 
et al. 1997, Ainsworth and Long 2005). However, the resulting increases in organic carbon 
derived from plant biomass are predicted to modify microbial community structure and 
intensify microbial respiration. Organic matter turnover would consequently increase and 
result in a net release of carbon to the atmosphere, creating a positive feedback loop that 
would intensify climate change processes (Blagodatskaya and Kuzyakov 2008, Sayer, 
Heard et al. 2011). As another example, in marine systems, ocean warming coupled with 
enhanced nutrient influx has resulted in the expansion of hypoxic (low oxygen) and anoxic 
ocean waters.  These so-called “oxygen minimum zones” (OMZs)  are dominated by a 
microbial community that is taxonomically and functionally distinct from that in oxygen-
rich waters.  Notably, microbes in OMZs play active roles in pathways of sea-to-
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atmosphere nitrogen loss through the metabolic processes of denitrification and anaerobic 
ammonium oxidation.  Expansion of OMZs due to continued environmental change, 
therefore, alters the nitrogen budget of the ocean, resulting in potentially significant effects 
on marine productivity (Ulloa, Canfield et al. 2012, Bertagnolli and Stewart 2018). 
In addition to free-living microbes, host-associated communities also play a critical 
role in maintaining ecosystem balance by modulating macroorganisms’ health and their 
function within these systems (Hooper, Littman et al. 2012, Brestoff and Artis 2013, 
Kamada, Chen et al. 2013, Archie and Tung 2015). However, disruptions to the equilibrium 
between the host and its microbiome can exacerbate potential adverse effects on host 
metabolism, development, and behavior due to environmental stress, and therefore 
accelerate extinction (Qiu, Coleman et al. 2019, van Oppen and Blackall 2019). For 
example, similarly to corals, warming and acidification cause bleaching and tissue 
degradation of kelp, a habitat-forming species. This bleaching has been related to an altered 
associated microbiota and a higher abundance of potential pathogens such as Nautella sp. 
and Aquamarina sp. (Marzinelli, Campbell et al. 2015). Moreover, changes in host-
microbial communities (e.g., increased pathogen load) can also affect microbial diversity 
in the surrounding environment and vice versa, further modifying microbial environmental 
processes or dispersal dynamics (King, Hure et al. 2002, Ylitalo, Stein et al. 2005, 
Rosenberg, Koren et al. 2007, Hess, Wenger et al. 2015, Jiménez and Sommer 2017). 
However, most research has focused on free-living microbial communities, and less have 
explored host-associated systems. A composite understanding of how host microbiomes 
respond to environmental change requires sampling across different body sites as external 
(e.g., skin) and internal (e.g., gastrointestinal) sites differ in their physicochemical 
 15 
conditions and exposure to external factors. These differences cause such sites to be 
composed of a variety of microbes with differing dispersal dynamics, dormancy potential, 
physiology, growth rates, and temperature sensitivity, all of which ultimately affect how 
disturbances impact each community. Finally, due to the strong interconnectivity between 
the host and its microbiome, factors such as diet, developmental stage, or immune status 
can create high interindividual variability that makes it hard to draw unifying patterns and 
predictions (Costello, Stagaman et al. 2012). Nonetheless, the paramount importance of 
host microbiomes in maintaining host and ecosystem function demands that we study these 
communities, their interactions with the host, the surrounding environment, and other 
microbial pools, to fully characterize the effects of environmental disturbances at the 
ecosystem level. 
As an example, coral reef ecosystems play a major role in sustaining diversity and 
productivity in the ocean (Sebens 1994). They have received significant attention as 
research targets for understanding marine ecosystems and microbiome responses to 
environmental change. Indeed, while coral reefs are naturally exposed to frequent 
perturbations, climate change and human-related activities, including warming 
temperatures, ocean acidification, overfishing, eutrophication, and disease (Bellwood, 
Hughes et al. 2004, Hughes, Kerry et al. 2017, Hughes, Kerry et al. 2018) greatly affect 
these systems. As coastal environments, coral reefs are near and immediately affected by 
human activities. Tropical corals, indispensable components of coral reefs, often live on 
the edge of their temperature range and can be highly sensitive to elevated temperatures. 
Despite being invertebrates, corals are complex organisms that also harbor a highly diverse 
and dynamic microbiome that includes dinoflagellates, bacteria, archaea, viruses, and fungi 
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that vary with time (developmental stage) and space (body site), can largely affect host 
health and are differentially impacted by external changes (van Oppen and Blackall 2019). 
Therefore, coral reefs, and particularly corals have become the “canary in the coal mine” 
when trying to understand the effects of climate change and other anthropogenic 
disturbances on marine organisms and habitats (Sebens 1994, Pandolfi, Connolly et al. 
2011, Frieler, Meinshausen et al. 2013). Coral microbiome structure and dynamism, their 
high sensitivity to environmental change, and the large amount of information that exists 
compared to other animal’s microbiomes, highlights the advantage of drawing parallels 
between coral microbiome studies and other biological systems. Ultimately, this approach 
could enhance our understanding of wild microbiomes, and bring insight into how current 
and future climate change and human-related disturbances may impact other ecosystems. 
As ecosystem engineers, corals form reefs that act as diversity hotspots supporting a 
wide range of invertebrate and fish species, including those of commercial value (Moberg 
and Folke 1999). Recent studies have shown that corals harbor a microbiome involved in 
core metabolic processes, including nutrition, settlement, protection against pathogens, and 
overall resilience to environmental stress (Blackall, Wilson et al. 2015, Hernandez-Agreda, 
Gates et al. 2017). Cell densities in coral microbiomes have been estimated at 102 to 106 
cells per square centimeter of host tissue (Garren and Azam 2012), and are usually species-
specific (Morrow, Moss et al. 2012) and stable across geographical and environmental 
conditions (Sunagawa, Woodley et al. 2010). However, similar to the microbiomes of other 
animals, microbiome composition can vary spatially and temporally within a host, 
changing for example in response to coral physiology and health (Mouchka, Hewson et al. 
2010), the specific location within the coral structure (mucus, tissue, skeleton, etc.), 
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developmental stage (Ainsworth, Thurber et al. 2010), and degree of interaction with the 
surrounding environment (Rohwer, Seguritan et al. 2002).  
Diverse environmental stressors impact the coral microbiome. Increasing stresses 
related to ocean warming and other anthropogenic disturbances have caused a sharp 
decrease in coral cover of about 80% in the Caribbean and 50% in the Pacific (Hughes, 
Kerry et al. 2017, Hughes, Kerry et al. 2018). One of the major and most studied processes 
leading to such decline has been coral bleaching caused by a disruption of the symbiotic 
relationship between zooxanthellae (Symbiodinium spp.) and the coral host. This bleaching 
allows a shift in microbiome composition and colonization by opportunistic pathogens 
including Vibrio spp. (Thurber, Willner‐Hall et al. 2009, Littman, Willis et al. 2011), 
although the exact mechanisms leading to this infection are not fully understood. In 
addition to affecting coral calcification, ocean acidification can also modify microbiome 
composition, including a loss in potentially beneficial bacteria such as Endozoicomonas 
spp. (Morrow, Bourne et al. 2015), and an increase in potentially pathogenic groups such 
as Vibrionaceae and Alteromonadaceae (Meron, Atias et al. 2011). Finally, eutrophication 
and increased sedimentation of organic matter can promote phytoplankton and algal growth 
that results in seawater and coral tissue anoxia through an increase in bacterial respiration 
(Dinsdale, Edwards et al. 2008, Kelly, Williams et al. 2014). These changes in the 
physicochemical properties of the surrounding environment and the coral tissue can 
drastically alter microbial growth and community composition in coral tissues, potentially 
leading to coral death (Weber, De Beer et al. 2012). While different human and climate 
change-induced disturbances cause distinct responses from the coral holobiont, these 
factors do not act in isolation and often have cumulative or synergistic effects (Dinsdale, 
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Edwards et al. 2008, Kelly, Williams et al. 2014). The cumulative impacts of warming 
temperatures, ocean acidification, eutrophication, and other environmental changes, e.g., 
herbivore loss due to overfishing, induce coral disease and death, while simultaneously 
stimulating algal growth (Bourne, Morrow et al. 2016). Indeed, as corals disappear, reefs 
often become dominated by seaweed, which further exacerbates coral loss and microbiome 
alteration, for example by producing allelochemicals that are toxic to the coral holobiont, 
or by exuding sugars that fuel microbial (including pathogen) growth. The latter potentially 
resulting in localized coral hypoxia (Nelson, Goldberg et al. 2013, Pratte, Longo et al. 
2018).  
While it is now becoming clear that the coral microbiome plays an important role in 
maintaining host health and is largely affected by environmental changes, the mechanisms 
leading to these shifts in microbial composition and their effects on the coral host are still 
unclear. Therefore, whether shifts in microbial composition caused by stressful conditions 
lead to a disease state, or whether an unhealthy host causes such changes as a protection 
mechanism is still unknown (Foster, Schluter et al. 2017). Moreover, because most 
ecosystems are now affected by climate change and human activities, establishing a 
baseline of what a “healthy microbiome” looks like is near impossible.  Due to the rapid 
response of microbes compared to the host when faced with environmental perturbation, 
the coral microbiome has been hypothesized to intensify or potentially mitigate harmful 
effects. For example, microbiome changes often representing a dysbiotic state seem to 
precede bleaching (Bourne, Iida et al. 2008). However, a relationship between nitrogen 
availability and bleaching has also been observed, and an increase in nitrogen-fixing 
microbes in stressed corals suggests that they potentially help mitigate coral starvation 
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induced by bleaching (Wooldridge 2013). While correlations between stressful conditions, 
diseased states, and microbiome variations have been observed, the mechanisms and 
causality of such changes are still largely unknown. A baseline of what represents a healthy 
microbiome, and to what extent different microhabitats within the holobiont are affected 
by environmental change, are still unknown. Similarly to other species, the coral 
microbiome is considered highly diverse, dynamic, and composed by a core microbiome 
and resident microbes that show high interindividual variability (Hernandez-Agreda, Gates 
et al. 2017). Despite recent technological and computational advances allowing researchers 
to increase and streamline microbiome sampling and analysis, these questions remain 
unanswered for many wild organisms. Extrapolating the large amount of information on 
corals, and their response to environmental disturbances to other host-associated systems 
can help identify specific microbial taxa, functions or interactions that are important to 
maintain a healthy microbiome and host health. 
Recent insight into animal microbiomes, including corals, have allowed the 
identification of a core microbiome shared across phylogenetically- or geographically-
related host individuals. This shared core microbiome would allow the identification of 
microbial members that may be particularly important to host health or responsive to 
environmental conditions (Ainsworth, Krause et al. 2015, Hernandez-Agreda, Gates et al. 
2017). In addition, more recent studies identified core microbial functions and potentially 
important compounds that microbes might release to protect the host. Indeed, function and 
metabolic pathways, rather than taxonomy, seem to be the main trait upon which microbes 
are selected (Louca, Parfrey et al. 2016). Consequently, studies exploring function along 
with taxonomy are necessary to characterize microbial community assembly processes and 
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drivers. Moreover identifying microbial exudates, for example by coupling taxonomic and 
genomic analysis with metabolomics, may ultimately bring insight into the biochemical 
mechanisms that unite diverse members to form the holobiont, and identify microbes or 
microbial functions that could be used as indexes of health status (Thurber, Willner‐Hall 
et al. 2009, Hay, Beatty et al. 2017). Ultimately, such studies may be crucial to formulating 
strategies to protect and conserve keystone or habitat-structuring organisms, like corals, 
and the ecosystems they support. 
The microbiomes of individual animal or plant species ultimately reside in an 
ecosystem composed of a multitude of microbe-associated hosts that vary in physiology, 
life-history traits, sensitivity to stress, and in the nature of the relationship with their 
associated microbiome. Hence, to fully understand how environmental change may alter 
ecosystem function and services, it is necessary to characterize microbiomes, including 
their dynamics and functional properties, across diverse hosts.  For example, marine 
mammals and predatory fish are sentinels of ecosystem health and are increasingly targeted 
as subjects for microbiome research (Reddy, Dierauf et al. 2001, Wells, Rhinehart et al. 
2004), due to their longer lifespans, key roles in food webs, and their propensity for 
accumulating toxins in tissues and fat. Previous studies have shown that, for some of these 
species, the microbiome can rapidly respond to environmental perturbations, reflect the 
presence of pollutants or toxic compounds, and carry potentially pathogenic microbes that 
can affect both human and environmental health (King, Hure et al. 2002, Ylitalo, Stein et 
al. 2005, Fackelmann and Sommer 2019).  Exposure to microplastics has been linked to 
gut dysbiosis and mechanical damage to the intestinal tract, facilitating the insertion of 
pathogens or other toxins (Fackelmann and Sommer 2019). As another example, California 
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sea lions are more prone to urogenital cancer related to the presence of a virus (OtHV-1) 
(King, Hure et al. 2002), whose invasion is facilitated by immune suppression that can be 
caused by environmental pollutants such as organochlorines (Ylitalo, Stein et al. 2005). 
Similarly, marine birds that spend significant time both on land and at sea are research 
targets for exploring how microbiomes may respond to both terrestrial and marine 
disturbances. However, the large ranges of such organisms and their sensitivities to 
potential stresses associated with handling, present logistical challenges. In addition, 
because many species are now endangered, disturbing these animals even for scientific 
purposes can be problematic. 
Consequently, most microbiome studies have focused on model organisms, with the 
resulting findings then used to make predictions for wild species. However, research has 
shown that captivity, and its associated environmental/ecological changes, can drastically 
alter animal microbiomes. This suggests that studies based on model organisms, the vast 
majority of which do not test how microbiomes respond to biotic interactions among 
diverse hosts, may not apply in the wild (Clayton, Vangay et al. 2016, Hird 2017, 
McKenzie, Song et al. 2017). Nonetheless, microbiome studies from captive animals are 
invaluable as they enable hypotheses about core microbial species or functions relevant to 
host health. Moreover, comparing microbiome composition between captive and wild 
individuals of the same species can help establish a baseline for what a healthy microbiome 
looks like, and help determine which portion of the microbiome remains constant and 
which members are affected by captivity and environmental change. Ultimately, 
characterizing the microbiome of a larger variety of hosts, and combining captive and wild 
studies, can help elucidate how climate change and anthropogenic disturbances are 
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affecting host-associated microbial communities, and how these changes relate to host 
health. This information is particularly valuable to not only protect specific species that 
may be facing extinction, but also to preserve entire ecosystems. 
1.4 Effect of captivity on microbiomes 
Climate change and human activities have resulted in major diversity losses, with 
31,000 species now threatened with extinction (IUCN 2019). Maintaining animals in 
captivity has been widely applied to help conserve declining or rare species (Rahbek 1993). 
However, a transition to captivity involves substantial environmental and ecological 
changes, many of which may alter the structure and function of an animal’s microbiome 
(Redford, Segre et al. 2012, McKenzie, Song et al. 2017). Considering the importance of 
the microbiome in regulating host metabolism, development, behavior, and overall health 
(Hooper, Littman et al. 2012, Brestoff and Artis 2013, Kamada, Chen et al. 2013, Archie 
and Tung 2015), understanding how captivity affects microbiomes is key to maintaining 
the health of captive animals and potentially increasing the likelihood of successful 
reintroduction (Redford, Segre et al. 2012).  Moreover, captive environments are relatively 
simple (few variables compared to the wild), and the health of captive animals is often 
rigorously monitored. Therefore, captive animals provide a framework for identifying 
microbial players that may be strongly related to host metabolism and health, potentially 
important parameters influencing microbiome assembly, and baseline knowledge of what 
a “healthy microbiome” may look like. In particular, determining what characterizes a 
healthy versus dysbiotic state may help identify and address disease progression and 
predict whether specific stressors may be altering microbiomes in the wild (Potter 2013). 
Ultimately, this information can be used to enhance conservation strategies and establish 
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if and how animal-associated microbiomes can be used as an index of environmental 
change (Ainsworth and Gates 2016, Pace, Dipineto et al. 2019). 
 Compared to wild individuals, captive animals experience controlled and artificial 
conditions, dietary changes or restrictions, limited exposure to other fauna and flora or 
habitat types, freedom from predation and certain diseases, and increased exposure to 
medical care and humans (Redford, Segre et al. 2012, McKenzie, Song et al. 2017). Indeed, 
studies have shown that captivity can alter microbiomes in a wide variety of animals 
ranging from amphibians to primates (Dhanasiri, Brunvold et al. 2011, Eigeland, Lanyon 
et al. 2012, Loudon, Woodhams et al. 2014, Clayton, Vangay et al. 2016, Delport, Power 
et al. 2016, Eichmiller, Hamilton et al. 2016, McKenzie, Song et al. 2017, Metcalf, Song 
et al. 2017, Song, Wang et al. 2017, Jia, Zhao et al. 2018). While most comparisons 
between wild and captive animals report changes in gut diversity, there is limited 
consistency across studies and host species. In some species, including primates, 
carnivores, and equids, gut microbiome diversity (alpha) decreased with captivity 
(Eigeland, Lanyon et al. 2012, Clayton, Vangay et al. 2016, Stumpf, Gomez et al. 2016, 
Borbón-García, Reyes et al. 2017, McKenzie, Song et al. 2017, Metcalf, Song et al. 2017). 
In other species, diversity either increased (Becker, Richards-Zawacki et al. 2014, Xie, Xia 
et al. 2016, Bletz, Vences et al. 2017, McKenzie, Song et al. 2017) or showed no significant 
change (Alfano, Courtiol et al. 2015, Flechas, Blasco-Zúñiga et al. 2017, McKenzie, Song 
et al. 2017).  
Microbial community composition (b-diversity) often significantly shifts with 
captivity, even if a-diversity is not impacted. In mammals, microbes that vary the most 
with captivity include phyla that are common in the gut, such as Bacteroidetes, Firmicutes, 
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and Proteobacteria (McKenzie, Song et al. 2017). Notably,  captive Old World Monkeys 
harbor lower relative abundances of Prevotella, and higher abundances of Bacteroidales 
S24-7 (McKenzie, Song et al. 2017) . Both Prevotella and Bacteroidales S24-7 degrade 
protein and carbohydrates and seem to compete for niche space in the gut (Serino, Luche 
et al. 2012, Evans, LePard et al. 2014, Ormerod, Wood et al. 2016, McKenzie, Song et al. 
2017). In humans higher proportions of Prevotella have been linked to individuals eating 
a more plant-based diet, suggesting that a shift to a higher protein diet in captive animals 
may cause a decrease in Prevotella relative abundance (Wu, Chen et al. 2011, Serino, 
Luche et al. 2012). In addition, McKenzie and collaborators observed that the abundance 
of know nitrogen reducers belonging to Alpha- and Betaproteobacteria increased in wild 
terrestrial mammals, coincident with higher decaying Cyanobacteria, reinforcing the idea 
that a more protein-rich diet in captivity may be responsible for these differences. Bacteria 
associated with gut dysbiosis in horses, including lactate-producing bacteria such as 
Streptococcus luteciae, are also more abundant in captive terrestrial mammals (Biddle, 
Black et al. 2013, McKenzie, Song et al. 2017). In contrast, captive primates have been 
shown to have higher proportions of certain microorganisms, such as members of the 
Christensenellaceae, important in maintaining gut health in humans (Biagi, Franceschi et 
al. 2016). It is hypothesized that because other beneficial microbes, such as Prevotella, 
decrease in abundance in captive individuals, Christensenellaceae may increase to 
compensate this loss (McKenzie, Song et al. 2017). These and other studies implicate diet 
shifts and the use of antibiotics (Antwis, Haworth et al. 2014, Clayton, Vangay et al. 2016, 
Stumpf, Gomez et al. 2016, Jiang, Ma et al. 2017, Metcalf, Song et al. 2017, West, Waite 
et al. 2019)  as a major driver of microbiome change in captivity. The  transition from a 
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relatively complex, fiber-rich diet in the wild to a simpler, more protein-rich diet in 
captivity are potentially most pronounced in animals such as herbivores that require certain 
microbes to efficiently digest certain plant components or toxins (Amato, Yeoman et al. 
2013, West, Waite et al. 2019). These examples illustrate the complexity of delivering a 
diet in captivity that properly mimics what the animals consume in the wild, which is 
necessary to preserve microbiome diversity and function. 
The inconsistent effects that captivity can have on animal’s microbiome, which is 
influenced by the relative importance of different factors that affect microbial assembly 
(host action versus environment), and can be highly dependent on the species considered, 
makes it challenging to identify specific factors related to captive environments that can be 
generalized. Moreover, captive environmental conditions including diet, medical care, and 
exhibit characteristics can be highly variable with some more similar to wild habitats. This 
increases the number of confounding factors and could partially explain differences in 
studies comparing changes in diversity associated with captivity. Therefore, captive 
microbiome variability could reflect real variability in the associated microbiota of these 
organisms or differences in captivity conditions. Captivity is often also associated with 
increased human interaction, and medical care that contribute to microbiome change, but 
the effects of such changes are still poorly understood. While increased care, including the 
use of antibiotics, can enhance the health of captive hosts compared to their wild 
counterparts (by directly affecting the associated microbiota or by modulating host 
physiology), increased handling by caretakers can promote the transfer of human 
commensals (or potentially pathogens); reported in primates and marine mammals 
(Clayton, Vangay et al. 2016, Chiarello, Villéger et al. 2017). Moreover, the use of 
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antibiotics can also promote dysbiosis by inducing taxonomical and functional loss, which 
can facilitate pathogen infections and antimicrobial resistance (Lange, Buerger et al. 2016). 
For example, captive cheetahs’ gut microbiome harbors higher abundances of pathogenic 
taxa and metabolic pathways associated with disease, which have been related to increased 
mortality in captivity due to infections (Terio, Munson et al. 2005, Menke, Melzheimer et 
al. 2017). As another example, the use of antibiotics on koalas to treat Chlamydia infections 
decreases gut microbial diversity and the abundance of tannin-detoxifying bacteria that 
play a key role in koala’s nutrition, which can lead to poor health and ultimately death 
(Dahlhausen, Doroud et al. 2018). While the effect of this “humanization” of the animal 
microbiome is poorly understood and may be species-specific, capturing the extent of these 
microbiome shifts in a larger variety of animals, and their possible consequences on host 
health and fitness in the wild is key to certain management decisions, including those about 
reintroduction (Redford, Segre et al. 2012, West, Waite et al. 2019). For example, the 
reintroduction of animals with an altered microbiome into the wild may facilitate the 
transfer of pathogenic strains or antibiotic-resistant microbes into natural ecosystems, 
which may not be harmful to the initial host but may cause unintended modifications to 
wild populations (Power, Emery et al. 2013, Delport, Harcourt et al. 2015).  
Other aspects of captivity-associated environmental change have been shown to 
significantly affect the microbiome structure. A study from commercial pig farms showed 
that solely changing the raising environment (presence or absence of deep bedding of 
straw) can alter the gut microbiota (Kubasova, Davidova-Gerzova et al. 2017). Hyde and 
collaborators showed that the oral and skin microbiomes of Komodo dragons were similar 
to those collected from the surfaces of exhibits (Hyde, Navas-Molina et al. 2016). 
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Similarly, (Eichmiller, Hamilton et al. 2016) showed that the gut microbiome of  common 
carps differed between river and lake environments, despite similarities in diets. These and 
other studies suggest that environmental factors, which may be diverse in nature and 
potentially challenging to quantify, modulate microbiome discrepancies. 
Microbial communities from different body sites likely differ in the extent to which 
they respond to environmental change associated with captivity.  While the gut microbiota 
may be most sensitive to shifts in diet, microbiomes in external body niches, such as the 
skin, may be more sensitive to habitat modifications.  This variation adds another level of 
complexity when trying to relate conclusions based on microbiomes analysis of a single 
body site to specific environmental or dietary alterations. For example, a comparison of the 
microbiome of captive African penguins with that of other vertebrates (including marine 
mammals, other birds, reptiles, and humans), showed that while the cloacal microbiome of 
captive penguins was more similar to that of other birds, the oral microbiome was more 
similar to that of other marine mammals sharing a similar diet (Clavere-Graciette, in 
preparation). These results suggest that while the phylogenetic relationship among hosts 
may be important in shaping cloacal microbiomes, diet may play a more important role in 
shaping the oral microbiome. In this study, the microbiome of penguin skin was highly 
similar to that collected from exhibit surfaces, supporting the prediction that the 
surrounding environment primarily shapes the skin microbiome (at least in penguins) 
compared to more internal body sites (e.g., cloaca, oral cavity). Similarly, a comparison 
between wild and captive spotted eagle rays showed microbiome body site specificity as 
well as large differences in cloaca, skin and gill samples between captive and wild samples 
(Clavere-Graciette et al., in preparation). Interestingly, while cloaca samples of captive 
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spotted eagle rays were more similar to those of wild eagle rays, gill and skin microbiomes 
of captive eagle rays were similar to those of cownose eagle rays co-occurring in the same 
exhibit.  In contrast, the cloacal microbiomes differed between these two host species while 
in captivity; instead, the spotted eagle ray cloacal microbiome was most similar to that of 
wild eagle rays. These observations suggest that phylogeny is a major driver of cloacal 
community composition, whereas gill and skin microbiomes, like those of the penguins, 
seem more readily influenced by environmental parameters. The variability in the relative 
influence of intrinsic and extrinsic factors such as diet, phylogeny, and other environmental 
parameters in driving microbial community assembly among different species, and 
different body sites within a species, highlights the complexity of host-associated microbial 
systems, the need to explore the microbiome associated with a larger number of species, 
and the benefit of sampling a variety of body sites and comparing both captive and wild 
individuals to better understand how and to what extent environmental change may be 
driving community composition.  
Indeed, it is often difficult to relate microbiome shifts to a specific factor (diet, 
antibiotic use, habitat modification, decreased social interaction). Despite the tight 
relationship between the microbiome, host metabolism, and immune system function, in 
many cases, it is difficult to determine if captive microbiomes represent a healthy 
alternative state or if they may negatively affect host health or hamper reintroduction 
efforts. Altered captive microbiomes may facilitate cardiac, respiratory, gastrointestinal, 
and skin anomalies (Amato, Yeoman et al. 2013, Becker, Richards-Zawacki et al. 2014, 
Wan, Ruan et al. 2016, McKenzie, Song et al. 2017, Hale, Tan et al. 2018), and have been 
related to disease in a certain number of species (Amato, Metcalf et al. 2016, Wan, Ruan 
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et al. 2016, Xie, Xia et al. 2016). For example, crocodile lizards seem to be prone to disease 
in captivity and to harbor certain skin infections not observed in the wild (Jiang, Ma et al. 
2017). A study comparing the gut microbiome of captive and wild individuals showed that 
microbiomes of wild individuals contained higher relative abundances of Deinococcus-
Thermus, Mycoplasma, and Helicobacter.  However, the function of these taxa within the 
gut and their potential connection to host health are still poorly understood (Jiang, Ma et 
al. 2017). Shifts in diet played a major role in shaping these microbial communities, with 
differences observed in captive individuals following either an earthworm or a loach-based 
diet. In particular, the earthworm diet led to an enrichment of the genus Fusobacterium, a 
taxon commonly found in diseased reptiles and also associated with pathogenicity in 
humans and other animals (Stewart 1990, Signat, Roques et al. 2011). Potential pathogens 
such as Halomonas and Salmonella (Kim, Lee et al. 2013, Murphy and Oshin 2015) were 
also enriched on the loach-based diet. While these results suggest that captivity conditions 
and diet modifications can be potentially harmful to the health and conservation of a 
species, it is difficult to directly link specific microbial community changes to disease. This 
difficulty also exists when determining if and to what extent specific captive conditions are 
causing these changes, and if such changes reflect a consequence of disease, or a response 
from the host as a protection mechanism (West, Waite et al. 2019). 
The increasing interest in wild microbiomes and comparing them to captive ones has 
allowed researchers to identify key microbial players and encouraged the use of dietary 
supplements, prebiotics, and probiotics to enhance health, survival, and reintroduction 
success of captive species (West, Waite et al. 2019). The use of probiotics and prebiotics 
has been mostly used on commercial species with positive results. Indeed, the use of 
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probiotics has enhanced weight gain in sheep and dairy calves (Schofield, Lachner et al. 
2018) and has also conferred protection against pathogens in poultry (Khan and Naz 2013). 
In wild animals, the use of probiotics is still being explored but seems promising. For 
example, two plant fermenting strains of Lactobacillus that also exhibited antibacterial 
activity against pathogenic Escherichia coli, were found in the gut microbiome of a 
population of wild gorillas and were proposed as potential probiotic for captive individuals 
(Tsuchida, Kakooza et al. 2018). As another example, captive boreal toads that exhibit 
higher levels of Batrachochytrium dendrobatidis (Bd) on their skin associated with the loss 
of beneficial skin bacteria can be treated with anti-Bd  probiotic bacteria (Kueneman, 
Woodhams et al. 2016). However, wild microbiomes remain largely understudied. To 
bypass this issue, microbiome research has relied on captive organisms, and on 
comparisons between captive and wild individuals. Zoos and aquaria provide the 
possibility to monitor the evolution of host health and its associated microbiota in a detailed 
manner through significant periods of time, taking into account any subtle changes in the 
surrounding environment or handling of the animals. Therefore, microbiome studies of 
fauna in the wild and captive environments provide fewer confounding factors and a vast 
number of additional metadata that can help identify specific changes associated with 
disease or increased vulnerability, and what specific habitat modifications or management 
strategies may be enacted to bring about such changes. While several of these comparisons 
have focused on terrestrial mammals and their gut microbiota, many other groups such as 
aquatic organisms remain largely unexplored. For these understudied species, high-end 
captive facilities such as the Georgia Aquarium provide an opportunity to explore their 
microbiota and how it compares to those from wild populations. This could help reduce 
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the gap between host health and microbiome composition, by identify microbial indexes, 
e.g., taxa or genes, that could be used as biomarkers of host and environmental health and 
develop prebiotic or probiotic treatments to enhance survival and fitness in both captive 
and wild environments. 
1.5 Current tools for studying microbial community assembly 
Due to the central role of microbes in all biogeochemical cycles, as well as their 
effect on host metabolism, behavior, and health, microbiome research is inherently 
multidisciplinary (Das, Lyla et al. 2006, Kowalchuk, Jones et al. 2008, Van Der Heijden, 
Bardgett et al. 2008, Steffan, Chikaraishi et al. 2015). This characteristic has served as an 
advantage, and microbiome research has benefited from technological advancements in a 
variety of fields, including microbiology, synthetic biology, engineered biomaterials, 
bioinformatics, and environmental sampling and instrumentation (Arnold, Roach et al. 
2016). Such advancements have allowed researchers to expand the type and body site 
location of host-associated samples and have greatly enhanced the ability to characterize 
complex microbial communities taxonomically and functionally, as well as to better 
understand microbe to microbe and host to microbe interactions. 
Early studies of host-associated microbes heavily relied on monoculture and co-
culture cultivation techniques (Parker and Snyder 1961, Gibbons, Socransky et al. 1964). 
While these methods are still relevant and vital to understanding the mechanisms behind 
microbial interactions, only about 1% of microorganisms are currently culturable (Torsvik 
and Øvreås 2002, Schmeisser, Steele et al. 2007), limiting the characterization of microbial 
assemblages at the community level. A decrease in sequencing costs, along with an 
increase in publicly available data and analytical advances, has not only facilitated the 
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characterization of complex microbial communities but also provides the possibility to 
establish new standards to contextualize and compare different microbial studies and 
systems (Sinha, Abnet et al. 2015, Knight, Vrbanac et al. 2018). The 16S rRNA gene 
sequencing coupled with polymerase chain reaction (PCR)-based techniques and deep-
sequencing of PCR amplicons is now widely used to taxonomically characterize microbial 
communities (Blaut, Collins et al. 2002, Sogin, Morrison et al. 2006, Huber, Mark Welch 
et al. 2007). Indeed, the use of these methods allows us to capture microbial diversity at 
high resolution, including species with very low abundances in these communities (Arnold, 
Roach et al. 2016). These advances in sequencing technologies, coupled with new 
bioinformatics and statistical methods for the analysis of highly multi-factorial datasets, 
has allowed us to widely characterize microbial communities and their relationship to 
experimental or environmental conditions in a simpler, cost- and time-effective way 
(Rhodes, Urbance et al. 1998, Knight, Vrbanac et al. 2018). The near-universal use of high 
throughput sequencing also provides an opportunity to better contextualize and compare 
results from different systems and different studies. However, variation in methodological 
approaches, including in sample collection and bioinformatic procedures, can largely 
influence microbiome analyses (Clooney, Fouhy et al. 2016). Therefore, standardizing 
sampling and analytical pipelines is key to allowing for meaningful comparisons between 
systems and studies, which can only enhance our understanding of microbial communities, 
and help draw broader conclusions. Recent efforts at standardization, for example, the 
adoption of PCR and sequencing protocols associated with the Earth Microbiome Project 
(Thompson, Sanders et al. 2017), and the establishment of best practices in computation 
(Knight, Vrbanac et al. 2018), are helping to unify the field. However, there remains 
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considerable and healthy debate about certain analytical or statistical decisions (e.g., 
normalization methods, the use of rarefaction in comparing datasets), with a growing 
appreciation and tool kit for exploring data with different underlying characteristics (e.g., 
library and sample size, (Weiss, Xu et al. 2017)).  
While studies have shown correlations between microbes and environmental 
variables that suggest important roles in ecosystem processes (Martiny, Bohannan et al. 
2006), other studies show functional convergence without similar convergence in 
taxonomic profiles, which suggests a decoupling between microbial community taxonomic 
composition and function (Louca, Parfrey et al. 2016). Moreover, a large proportion of 
microbes within a community can be dormant (~90 %), and microbes can also modulate 
their gene expression (Locey 2010, Lennon and Jones 2011).  This potential for variation 
in microbial activity underlines the need to complement taxonomic analysis with functional 
characterization if we want to understand microbial community processes and interactions. 
Community DNA and RNA sequencing (meta omics) provide further insight into microbial 
function, expression, and interactions (Muegge, Kuczynski et al. 2011). This information 
is particularly valuable as previous studies have shown that functional redundancy, rather 
than taxonomic redundancy, impacts resilience and adaptation capabilities at the 
community level, and affects host-microbiome interactions (Arnold, Roach et al. 2016). 
For example, gut microbiome metatranscriptomics showed that 50% of the genes expressed 
were primarily involved in enhancing host metabolism (Gosalbes, Durbán et al. 2011). In 
addition, transcriptome studies can help identify early effects of disturbance on 
microbiome function, before taxonomic changes occur. This feature can be particularly 
helpful for identifying early signs of dysbiosis, before a diseased state is established (El 
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Aidy and Kleerebezem 2013, Franzosa, Morgan et al. 2014). Metatranscriptomics can also 
be used to assess host cell activity and therefore bring insight into host-microbiome 
interactions, as research has shown that the microbiota can modulate host gene expression, 
and ultimately impact host health (Carding, Verbeke et al. 2015, Meisel, Sfyroera et al. 
2018).  
Studying gene expression can provide insight into microbe-microbe and host-
microbe interactions. However, the mechanisms involved are still poorly understood. The 
increasing use of metabolomics, which allows us to track the release of microbial 
metabolites, can be helpful to understand metabolic processes, physiology, and the 
interplay between the environment, the host, and its microbiota (Bernini, Bertini et al. 
2009, Wu, Compher et al. 2016). Indeed, most microbe-microbe and host-microbe 
interactions are chemically mediated. Therefore, establishing how the associated 
microbiota alter the host biogeochmical environment, ultimately affecting microbe-host 
interactions, host metabolism, physiology, and health, is key to identify specific 
mechanisms allowing to draw causality patterns when changes in microbiome are observed 
(Hay, Beatty et al. 2017).  For example, a study by (Koeth, Wang et al. 2013), showed that 
individuals following a vegetarian to vegan diet had lower trimethylamine-N-oxide blood 
levels compared to omnivorous subjects, and this metabolite shift corresponded with lower 
proportions of bacteria involved in the catabolism of carnitine and trimethylamine (found 
in meat, dairy, energy drinks, and other dietary supplements). Moreover, the use of 
microscopy techniques, such as fluorescent in situ hybridization (FISH) that allows the 
visualization of specific genes or taxa, or nano-SIMS that allows the semi-quantification 
of molecule incorporation (Klitgaard, Bretó et al. 2013, Radziwill-Bienkowska, Talbot et 
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al. 2018), can provide further insight into microbial interactions or chemical cycling at 
more relevant resolution and spatial scales. 
Metabolomics and microscopy-based methods are particularly useful for identifying 
the pathways involved in microbial interactions, or the spatial dynamics of these 
interactions. However, culturing the participants in these interactions is likely to provide 
the most insight into the mechanisms involved. While only a small fraction of microbes 
have been cultured (Torsvik and Øvreås 2002, Schmeisser, Steele et al. 2007), advances in 
culturing methods have greatly facilitated our understanding of microbiome processes in 
certain host systems. For example, the successful use of gnotobiotic mice and anaerobic 
cultivation techniques has allowed researchers to culture over 50% of the bacterial species 
in the human gut, most of which were only previously understood based on their 16S rRNA 
sequence (Faith, Rey et al. 2010, Goodman, Kallstrom et al. 2011). The use of gnotobiotic 
animals, which allows inoculation of the host individual with a specific set of microbes 
under semi-natural conditions, has allowed to identify the effects of specific cultured 
microbes or microbial consortia on host metabolism or health (Faith, Ahern et al. 2014) 
and to study how members from the gut microbial community are transferred throughout 
generations (Turnbaugh, Hamady et al. 2009).  Culturing methods have also been enhanced 
by better reproducing natural conditions and isolating microbes more effectively. Such 
techniques include the isolation Chip (iChip) that uses individual cells to isolate microbes 
within a complex community, thereby allowing nutrients to permeate through (Nichols, 
Cahoon et al. 2010). The use of automated conditions has also facilitated the cultivation of 
many individual microbes from the same community. For example, microfluidic and 
fluorescence-activated cell sorting technologies allow the sorting and culturing of microbes 
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based on their production and consumption of certain metabolites (Wang, Ghaderi et al. 
2014). Finally, in vitro systems that reconstruct specific environmental conditions allow 
the study of microbial interactions in a highly controlled yet very realistic environment 
(Possemiers, Verthé et al. 2004). Despite the high potential of these new culturing 
technologies, using these methods can be complex and expensive, while lacking the 
capacity to consider all interactions within a community (Arnold, Roach et al. 2016). 
Therefore, combining different technologies is necessary to fully understand microbial 
communities, taking into account taxonomic composition and functional potential, gene 
and protein expression, cell-to-cell interactions, and the mechanisms involved. 
The complexity of host-associated microbial communities, the multi-factorial and 
partly stochastic nature of community assembly, and the intrinsic high inter-individual and 
inter-sample variability of these systems require the use of large datasets to establish 
strong, statistically significant patterns. Hence, the implementation of complementary 
technologies,  particularly those allowing the processing and analysis of large multi-omic 
datasets in a high throughput fashion, coupled with systematic high replication and 
sampling efforts, are useful in microbiome studies (Arnold, Roach et al. 2016, Knight, 
Vrbanac et al. 2018). However, the unequal interest and number of microbiome studies that 
have focused on the gut of humans and terrestrial mammals, compared to other body sites 
and wild fauna, has skewed the development of new methodologies and statistical analysis 
to be optimal only in model systems. This can create additional challenges when applying 
these technologies to wild animal microbiomes. Indeed, the number of samples required to 
establish statistically robust patterns and associations is hard to estimate due to the limited 
sampling opportunities, challenges in sample preservation, and high inter-sample 
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variability. Therefore, large sample sets and replicates are often needed, increasing sample 
collection and processing costs (Hird 2017). Moreover, once samples are collected, the 
wet-lab and bioinformatic procedures required to characterize the community often present 
their own challenges. For instance, exploring the taxonomic structure of microbial 
communities using 16S rRNA sequencing, usually relies on a single portion of the gene, 
requires PCR amplification, produces relatively short fragments (Hird 2017), and relies on 
existing databases to assign taxonomy. This can be problematic for highly diverse and 
underrepresented wild microbiome samples that may contain large proportions of unknown 
microbes. Therefore, the increased application of established microbiome approaches to 
wild microbiomes is necessary to move the field forward and create a solid framework that 
would allow to accurately compare and draw strong overarching patterns from a variety of 
studies and systems. 
1.6 Conclusion 
Microbial community assembly is driven by stochastic and deterministic processes, 
whose relative influence is variable and can be difficult to determine. Many of the same 
ecological and evolutionary processes that drive community assembly in free-living 
microbes also apply to host-associated systems. However, the action of the host and the 
variability associated with different body sites that are differentially exposed to the external 
environment and other microbial pools, can greatly influence the relative importance of 
such processes. It is now widely recognized that the associated microbiota has a profound 
effect on host metabolic processes, physiology, behavior, and health. As climate change 
and anthropogenic disturbances keep transforming ecosystems, causing habitat loss, and 
accelerating species extinction, studies focused on the microbiome of wild hosts are vital 
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to protect endangered species and preserve entire ecosystems. While captivity has been 
associated with microbiome changes, animals under these conditions are generally healthy, 
closely monitored, and their environment is highly controlled and often simpler compared 
to the wild. Therefore, they provide a unique opportunity to explore the microbiome of 
understudied fauna in environments with limited confounding factors, with access to key 
information on the host and its environment, and the possibility to collect large sample sets 
over extended periods of time. This type of comprehensive studies can facilitate the 
identification of microbial or environmental biomarkers that greatly influence host health, 
community assembly and succession, and disturbance resilience. This knowledge can 
ultimately be used to enhance conservation strategies in captive and wild populations, 
while advancing the understanding of host-microbiome interactions. 
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CHAPTER 2. MICROBIOME DIFFERENCES BETWEEN 








Animal-associated microbiomes can be influenced by both host and environmental 
factors.  Comparing wild versus captive animals can help isolate the effects of host versus 
environmental factors, while also testing whether captive conditions foster a ‘natural’ 
microbiome.  Focusing on a endangered and charismatic elasmobranch species – the 
spotted eagle ray Aetobatus narinari – we compared skin, gill, and cloaca microbiomes of 
wild individuals to those of captive individuals at Georgia Aquarium.  Captive A. narinari 
microbiomes were also compared to those of cownose rays (Rhinoptera bonasus) in the 
same exhibit, allowing us to explore the effect of host identity on the ray microbiome. 
Long-term veterinary monitoring indicated that the captive rays did not have a history of 
disease and maintained health parameters consistent with that of wild individuals.  None 
of the sampled rays appeared diseased or otherwise unhealthy.  However, microbiome a- 
and b-diversity differed between wild versus captive A. narinari at all body sites, with a-
diversity significantly higher in wild individuals.  At each body site, we detected microbial 
taxa shared between wild and captive eagle rays, although the majority of these taxa were 
unclassified.  Potentially pathogenic microbes were at low abundance in both wild and 
captive rays.   b-diversity differences (wild versus captive) were greater for skin and gill 
microbiomes compared to those of the cloaca.  The cloaca, skin and gill microbiomes of 
captive eagle rays differed from those of captive cownose rays and from the surrounding 
water. Captivity is associated with a significant restructuring of the eagle ray microbiome.  
This restructuring is not absolute, as the microbiome of captive rays shares members with 
that of wild counterparts and is distinct from that of a cohabitating ray species.  Despite 
having microbiomes distinct from those of their wild counterparts, captive eagle rays at 
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Georgia Aquarium appear healthy, suggesting that their microbiomes are not associated 
with compromised host health.  However, the ray microbiome is dynamic, differing with 
both environmental factors and host identity.  Monitoring of captive ray microbiomes over 
time may identify taxonomic patterns that co-vary with host health. 
2.2 Background 
It is now becoming widely accepted that host associated microbiomes play a 
critical role in controlling host metabolism, physiology, behavior, and overall health 
(Hooper, Littman et al. 2012, Brestoff and Artis 2013, Kamada, Chen et al. 2013, Archie 
and Tung 2015).  Both environmental and host factors affect microbial community 
assembly (Benson, Kelly et al. 2010) and vary in their relative influence based on factors 
such as host species, and body site niche (Pratte et al., 2018b(Ruiz-Rodríguez, Scheifler 
et al. 2020).  In studying the effects of host species and environment on microbial 
community assembly, captive individuals can be particularly useful thanks to tightly 
controlled environmental factors. Moreover, captive environments are relatively simple, 
with fewer variables compared to the wild, and the health of captive animals is often 
rigorously monitored.  Species comparisons can also prove useful, as different species 
within the same captive space are exposed to the same environmental conditions, 
removing environmental variables which is not possible in the wild. Therefore, captive 
animals provide an ideal framework for identifying microbial players that may be 
strongly related to host metabolism and health, and potentially important parameters 
influencing microbiome assembly such as environmental changes and species.  
Specifically, determining what characterizes a healthy versus dysbiotic state may help 
identify and address disease progression (Potter 2013), leading to information that can be 
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used to enhance protection and rconservation plans (Ainsworth and Gates 2016, Pace, 
Dipineto et al. 2019). 
In marine systems, large predatory fish are sentinels of ecosystem health and are 
increasingly targeted as subjects for microbiome research due to their popularity in 
captivity, longer lifespans, key roles in food webs, propensity for accumulating toxins in 
tissues and fat, and potential for carrying pathogenic microbes that can affect both human 
and environmental health (Reddy, Dierauf et al. 2001, Wells, Rhinehart et al. 2004) 
(King, Hure et al. 2002, Ylitalo, Stein et al. 2005, Fackelmann and Sommer 2019). In 
particular, elasmobranchs are considered keystone species in many ecosystems in which 
they fill several roles within food chains as top- and meso- predators (Libralato, 
Christensen et al. 2006, Baum and Worm 2009), and declines in elasmobranch 
populations can have dramatic effects on ecosystem functioning (Sguotti, Lynam et al. 
2016). While large sharks have received increased attention due to their prominent role as 
top predators (Stevens, Bonfil et al. 2000, Bascompte, Melián et al. 2005, Myers, Baum 
et al. 2007, Ferretti, Worm et al. 2010), mesopredators such as rays are far less studied.   
Spotted eagle rays (Aetobatus narinari) are hard-prey specialist mesopredators that 
feed mainly on gastropods and other benthic mollusks (Ajemian, Powers et al. 2012, 
Serrano-Flores, Pérez-Jiménez et al. 2019), and also serve as prey for larger predators, 
including sharks (Chapman and Gruber 2002).  Therefore, Aetobatus narinari plays a key 
role in tropical, warm-tempered waters food webs, filling an intermediate position where 
it acts as both predator and prey.  Spotted eagle ray populations have largely declined due 
to overfishing and bycatch (Devadoss 1984, Trent, Parshley et al. 1997, Dubick 2000, 
Shepherd and Myers 2005, Cuevas-Zimbrón, Pérez-Jiménez et al. 2011, Tagliafico, Rago 
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et al. 2012), and the species is now considered near threatened by the IUCN.  Despite the 
ecological importance of spotted eagle rays in maintaining food web structure and their 
current state of decline, studies on these animals remain scarce.  However, they are 
common in public aquariums worldwide, presenting an ideal opportunity for comparing 
microbiomes of wild and captive individuals. Pairing captive and wild individuals 
provides a unique opportunity to identify potential changes in microbial structure 
associated with captivity and helps to characterize a potential core microbiome composed 
of microbial species conserved between captive and wild spotted eagle ray populations, 
despite environmental differences.  In this study, we characterized the microbiome 
composition of the gills, skin, and cloaca of Aetobatus narinari from both wild (Sarasota 
Bay) and captive (Georgia Aquarium) populations using 16S rRNA gene sequencing. 
Aetobatus narinari microbial communities were also compared to those from captive 
cownose rays (Rhinoptera bonasus). Including cownose rays from the same exhibit as 
captive spotted eagle rays in this study enabled a cross-species comparison to capture the 
effect of phylogeny compared to differences in the microbiome of spotted eagle rays 
related to captivity status. We hypothesized that the spotted eagle ray microbiome would 
differ between captive and wild spotted eagle rays, and between captive spotted eagle 
rays and cownose rays, with the extent of the change varying according to body site 
niche. 
2.3 Materials and methods 
2.3.1  Sample collection 
Microbiome swabs were collected (described below) from a total of 18 wild spotted 
eagle rays, 15 captive spotted eagle rays (Aetobatus narinari), and 7 captive cownose rays 
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(Rhinoptera bonasus) by Georgia Aquarium and Mote Marine Laboratory staff.  Origin 
(captive vs. wild), date of sampling, sex, disc width, and weight for all individuals are given 
in Table 2.1 and Table A.1. Captive spotted eagle rays and cownose rays were sampled 
from the Ocean Voyager exhibit (OV) exhibit at Georgia Aquarium between 2018 and 
2019, while the wild spotted eagle ray samples were collected in June 2018 and April 2019 
from Sarasota Bay (27.4, -82.6).  Captive spotted eagle rays had been retrieved from 
multiple locations near Florida, including Sarasota Bay, between 2009 and 2015 and 
transferred to Georgia Aquarium (OV) where they were kept until the time of sampling. 
Captive cownose rays were acquired for the exhibit between 2009 and 2018 from North 
Carolina waters.  
Table 2.1. Summary of the number of samples collected and the number of 
individuals sampled according to body site, ray species, and captivity status 
 
Captive spotted eagle rays and cownose rays were housed in the Georgia Aquarium 
OV exhibit, a 6.3 million gallon artificial sea-water (Atlanta tap water mixed with Instant 
Sample type Species Origin Number of samples Number of individuals represented 
Cloaca Aetobatus narinari Aquarium 16 14 
Gill Aetobatus narinari Aquarium 15 13 
Skin Aetobatus narinari Aquarium 17 13 
Cloaca Aetobatus narinari Wild 11 11 
Gill Aetobatus narinari Wild 19 19 
Skin Aetobatus narinari Wild 19 19 
Cloaca Rhinoptera bonasus Aquarium 7 7 
Gill Rhinoptera bonasus Aquarium 7 7 
Skin Rhinoptera bonasus Aquarium 7 7 
Water  Aquarium 9  
Water  Wild 3  
 45 
Ocean, Blacksburg, VA, USA) tank containing thousands of fish (sharks, rays, and teleosts) 
representing over 50 species from the open ocean.  The water from the exhibit was filtered 
through a complex filtering system composed of foam fractionators (protein skimmers), 
sand filters, ozone contact towers, countercurrent heat exchangers, sulfur-based 
denitrification vessels, and a deaeration tower, at a rate of 130,000 gallons per min, turning 
over the exhibit water of approximately 4 million gallons once per hour (Patin, Pratte et al. 
2018).  Physico-chemical parameters of the exhibit were kept within a tight range with a 
temperature of about 24 °C, and a salinity of about 33 ppt.  Approximately 225 kg of food 
goes into OV daily, 75 kg of which is broadcast into the system, while the remaining 150 
kg is target fed to specific individuals such as the spotted eagle rays.  These rays were target 
fed a daily ration of 1.3-1.5% their body weight consisting of surf clam (Spisula 
solidissima), hard-shell clam (Mercenaria mercenaria), Jonah crab (Cancer borealis), 
knobbed whelk (Busycon carica), Atlantic sea scallops (Placopecten magellanicus), 
whiteleg shrimp (Litopenaeus vannamei) and blue mussels (Mytilus edulis). In contrast, 
cownose rays were fed from pumping a variety of food options (~ 40 kg) including capelin, 
Pacific herring, mackerel, surf clam, shrimp, and night smelt, into the bottom of the exhibit 
once or twice a day. 
For wild spotted eagle ray sample collection, rays were circled with a net and 
brought on board the ship in a water bath to collect the samples.  Samples were collected 
for captive individuals during routine veterinary examinations performed at least once a 
year or more frequently as veterinary or husbandry needs dictated.  For these examinations, 
animals were transferred from the main exhibit into a small holding pool with oxygenated 
water.  The rays were lightly restrained for the dorsal skin swab sampling and then placed 
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into tonic immobility for gill and cloacal swab collection.  After examination, the rays were 
released into the main exhibit and often resumed feeding the same day.  Because 
microbiome samples were collected during routine veterinary examinations, which 
frequency could vary between individuals, certain individuals were sampled more than 
once during the same sampling period.  
Multiple body sites were swabbed for each captive and wild spotted eagle rays and 
captive cownose ray, including the gills, cloaca, and dorsal skin (Figure 1). For all rays, 
microbiome swabs were collected by gently rubbing sterile swabs along the gill, cloaca, or 
skin, making sure to accumulate material (mucus, skin sloughing and microbes) over the 
entire surface of the swab.  Swabs were placed into 2 mL cryovials containing 1 mL of 
RNA/DNA stabilizing solution and stored at -80°C until lab processing.  Water samples 
were also obtained from both the captive and wild environment.  Water samples from the 
OV water column were collected by filtration through 0.2 μm Sterivex filters (as described 
in (Patin, Pratte et al. 2018), and were obtained as part of 3-year time series monitoring 
program involving biweekly collections; the water column samples analyzed here 
correspond to those collected nearest in time (within 2 weeks) to each animal sampling 
event.  Water samples from the wild environment were collected at 3 locations in the same 
area where the animals were sampled.  These water samples were filtrated through a 0.2 
μm Isopore membrane filter (Millipore), as in (Pratte, Longo et al. 2018), and were only 
collected in 2018, at the same time as the spotted eagle ray sampling.   
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DNA was extracted from each swab by transferring the swabs directly into 
Powerbead tubes from the Qiagen DNeasy PowerSoil DNA extraction kits and following 
the manufacturer’s instructions. Extraction blanks (no swab or material added) were 
performed for each new kit. For each sample, the V3-V4 region of the 16S rRNA gene 
was amplified by polymerase chain reaction (PCR) using the primers F515 and R806 
(Caporaso, Lauber et al. 2011), each appended with barcodes and Illumina-specific 
adapters as described previously (Kozich, Westcott et al. 2013). Reaction mixtures 
included 2 to 5 μL DNA template, 12.5 μL Hot Start Taq PCR MasterMix (VWR), 0.25 
μL (each) forward and reverse primers (20 μm), and 0.5 μl bovine serum albumin (BSA) 
(20 mg/ml; New England BioLabs Inc.). PCR conditions included an initial 1 min 
a) b)
c) d)
Figure 2.1. Pictures demonstrating sample collection for wild spotted eagle rays 
(Aetobatus narinari): a) a spotted eagle ray in the water bath after being brought on 
board the ship, b) cloaca sampling, c) gill sampling, d) skin sampling.  All samples were 
collected by gently rubbing sterile swabs along the target body site. 
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denaturation at 94°C, followed by 30 cycles of denaturation at 94°C (1 min), primer 
annealing at 55°C (2 min), and primer extension at 72°C (90 s) and then a final extension 
at 72°C for 10 min. The amplicon products were pooled at equimolar concentrations and 
purified with Diffinity RapidTip2 PCR purification tips (Diffinity Genomics, NY). 
Amplicons were sequenced on an Illumina MiSeq machine across 4 different runs, using 
a V2 500-cycle kit (250 X 250 bp) with 5% PhiX to increase read diversity. 
2.3.2 Illumina data processing 
Sequence data were analyzed using DADA2 (Callahan, McMurdie et al. 2016) and 
QIIME 2 2019.4 (Bolyen, Rideout et al. 2019). Raw sequence data were demultiplexed, 
quality filtered, trimmed to 150 bp, and denoised following the DADA2 pipeline from 
(Callahan, McMurdie et al. 2016). Taxonomy was assigned to amplicon sequence variants 
(ASVs) using the SILVA-132 database. The resulting representative sequences, taxonomy 
and ASV tables, were imported into QIIME 2 2019.4 (Bolyen, Rideout et al. 2019). 
Sequences classified as Chloroplast or Mitochondria were removed from the dataset. 
Extraction blanks were processed following the same procedures, one of which was highly 
dominated by Mollicutes. As a result, all Mollicutes were removed from the entire dataset, 
and the contaminated kit was not used again. 
2.3.3 Statistical analysis 
All (ASVs) were aligned with Mafft (Katoh, Misawa et al. 2002), via q2‐alignment, 
and used to construct a phylogeny with fasttree2 (Price, Dehal et al. 2010), via q2‐
phylogeny.  Based on the variation of a-diversity as a function of sampling depth (Shannon 
Diversity and Faith’s phylogenetic Diversity (Faith 1992) computed using the q2-diversity 
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plugin in QIIME2), samples were rarefied (subsampled without replacement) to 1150 
reads. Surface swabs of marine animals tend to produce low DNA yields which can result 
in higher stochasticity of data. To address this, our sample set contained some biological 
replicates (two separate samples taken from the same individual and body site at the same 
sampling event) and all samples had technical replicates (same sample either amplified 
twice, or sequenced twice). To identify outliers in our replicates, weighted UniFrac 
(Lozupone, Hamady et al. 2007) distances between replicates (biological and technical) 
from the same sample were calculated using the q2‐diversity plugin. Weighted UniFrac 
distances from all samples with their replicates were then pooled and subsequently plotted 
in a boxplot. Values above Q3 were considered outliers and removed accordingly; this 
resulted in the removal of 1 sample with 4 replicates.  After removing these outliers, 
replicates were merged for each sample to increase rarefaction depth to 1500.  After quality 
control and merging replicates, 139 samples remained.  A summary of the samples in the 
final dataset and the associated metadata can be found in Tables A.1 and A.2.  All 
subsequent analyzes were performed using this merged ASV table, unless specified. 
 a‐diversity metrics (observed ASV number, Shannon, Pielou, and Faith’s 
Phylogenetic   Diversity indices) and a Kruskal-Wallis test were computed to identify 
significant differences between captive spotted eagle rays, wild spotted eagle rays, and 
captive cownose rays, for each body site. b-diversity dissimilarity matrices (Bray-Curtis, 
weighted and unweighted UniFrac distances) were calculated using q2‐diversity plugin in 
QIIME2 and used to construct Principle Coordinate Analysis (PCoA) using Primer-e v.7 
(Clarke 2015).  PERMANOVA and PERMDISP tests were subsequently performed to 
identify significant differences in microbiome composition and the level of inter-individual 
 50 
variability in microbiome composition between captive spotted eagle rays, wild spotted 
eagle rays, and captive cownose rays, for each body site. 
To identify the proportion of ASVs shared between different microbial pools, four 
separate Venn diagrams were constructed in Python using the package matplotlib-venn 
0.11.5, and the merged ASV table rarefied to 1500 sequences.  Venn diagram calculations 
were performed to assess the number of ASVs shared with seawater. ASVs shared between 
seawater and host microbiomes were removed to assess the number of ASVs shared 
between body sites, animals from different environments (wild vs. captive), and species 
(spotted eagle ray vs. cownose ray). For each body site, we identified ASVs that differ in 
abundance between captive and wild individuals using the package DESeq2  in R (Love, 
Huber et al. 2014) with the non-rarefied merged ASV table.  For this analysis, we removed 
ASVs that were detected in both the host-associated and seawater microbiomes. 
2.4 Results 
2.4.1 Differences in microbial composition according to captivity status 
Samples that were used for 16S rRNA gene sequencing included cloaca, gill and 
skin samples from captive spotted eagle rays and cownose rays at Georgia Aquarium, and 
from wild spotted eagle rays from Sarasota Bay, as well as samples from the surrounding 
water for both environments. After quality filtering, trimming, merging of replicates, and 
rarefaction, 139 samples remained in the final dataset (Table 2.1, Table A.1). From these, 
we detected a total of 5,398 ASVs. 1,916 ASVs were detected in captive spotted eagle rays 
(cloaca – 549; gills – 1188; skin – 1118); 1,694 ASVs were detected in captive cownose 
rays (cloaca – 738; gills – 1006; skin 803); 3,031 ASVs were detected in wild spotted eagle 
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rays (cloaca – 909; gills – 1785; skin - 2143). These ASV numbers include some ASVs 
shared between body sites, species, and environments (captive vs. wild). 
For each body site, microbiomes of captive eagle rays were significantly less rich 
(observed ASVs) compared to those of wild individuals (Figure 2.2, Table A.2).   
 
Figure 2.2 a-diversity metrics a) observed ASVs, and b) Shannon diversity index, for 
different body sites (cloaca, gill, and skin of captive and wild spotted eagle rays 
(Aetobatus narinari), along with their respective water samples.  Captive spotted eagle 
rays have lower diversity for all body sites compared to wild spotted eagle rays. 
The same general pattern was observed using various a-diversity indexes, despite 
comparisons not always being statistically significant (Table A.2).  Similarly, for each body 
site, spotted eagle ray microbiome composition (b-diversity) differed significantly between 
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Figure 2.3 Principal coordinate analysis (PCoA) of b-diversity comparison using 
Bray-Curtis distances between wild spotted eagle rays (Aetobatus narinari), and 
captive spotted eagle rays (Aetobatus narinari) for a) cloaca, b) gill, and c) skin 
samples. Note that wild spotted eagle rays harbor different microbial communities than 
captive spotted eagle rays, and both captive and wild spotted eagle rays harbor microbial 
communities that differ from the surrounding water for all body sites. Interestingly, 
cloaca samples show higher overlap, suggesting higher similarities compared to more 
external body sites (gill and skin) 
Cloaca microbial composition was more similar between captive and wild 
individuals compared to other body sites (Figure 2.3, Figure A.1), and this difference was 
not  significant based on weighted UniFrac distances (Table A.3). Dispersion analyses 
measuring the level of inter-individual variability showed no significant differences in 
cloaca microbial community composition between captive and wild spotted eagle rays, 
while the significance of the change differed based on the metric used for gill and skin 
-0.6 -0.4 -0.2 0 0.2 0.4 0.6






















Wild spotted eagle ray (A. narinari)




-0.6 -0.4 -0.2 0 0.2 0.4 0.6























-0.6 -0.4 -0.2 0 0.2 0.4 0.6

























microbiomes (Table A.4). For all body-sites, microbiomes of captive cownose rays 
clustered apart from those of captive and wild spotted eagle rays, while being more similar 
to those of captive spotted eagle rays (Figure A.2, Table A.3). Microbiome dispersion of 
captive cownose rays was also not significantly different from the one of captive eagle rays 
for all body sites (Table A.4). 
2.4.2 Differences in microbial composition according to body site niche 
Using datasets partitioned based on ray species and captivity status (captive spotted 
eagle rays, wild spotted eagle rays, and captive cownose rays), we analyzed microbiome 
composition among body sites.  For each ray group, cloaca microbiomes were significantly 
less diverse compared to those of other body sites, and seawater (Figure A.3, Table A.5). 
The microbial composition of spotted eagle ray microbiomes also varied among body sites 
(Figure 2.4, Table A.6); this was not true for cownose ray microbiomes (Figure A.4, Table 
A.6).  
 
Figure 2.4. Principal coordinate analysis (PCoA) based upon Bray-Curtis 
dissimilarity matrices between cloaca, gill, skin, and water for a) captive spotted 
eagle rays (Aetobatus narinari), and b) wild spotted eagle rays. Note that different 
body sites have different microbial community structures that differ from the surrounding 
water, as indicated by the separate clustering. In captive spotted eagle rays, the gills 
appear more similar to the surrounding water, while the skin is more similar to the 
surrounding water in wild spotted eagle rays 
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For both eagle and cownose rays, the microbiome of gills and skin were more 
similar to the surrounding environment (Figure 2.4, Figure A.1, Figure A.5) but remained 
significantly distinct (Table A.6). Interestingly, the microbiome of wild spotted eagle rays 
was not always statistically distinct from seawater depending on the metric used (Table 
A.6). No significant compositional differences were associated with date of sampling, 
weight, disc width or sex, for either wild or captive rays.  
While the proportion of ASVs shared between the cloacae of wild and captive 
spotted eagle rays was lower compared to that of ASVs shared among other body sites, 
these ASVs represented a fraction of the cloaca microbial community 3 to 11 times higher 
compared to ASVs shared between gills or skin of captive and wild individuals (Table 
A.7). In contrast, the fraction of the microbiome represented by ASVs shared with seawater 
was similar for all body sites in wild spotted eagle rays, while it was the lowest for the 
cloaca microbiome of captive spotted eagle rays (Table A.7). Interestingly, ASVs shared 
between the cloaca, gills, and skin microbiomes, represented the lowest proportions and 
relative abundances of the gill and skin microbiomes compared to the cloaca, for cownose 
and spotted eagle rays (Table A.8). 
2.4.3 Taxonomic composition of the microbiome of spotted eagle rays and cownose 
rays 
At the phyla level, cownose rays and spotted eagle rays shared a similar taxonomic 
composition, as all samples were dominated by Proteobacteria, Bacteroidetes, and 
Firmicutes. Bacteroidetes were abundant in the cloaca, while Cyanobacteria and 
Actinobacteria had higher proportions in the gills and skin where Proteobacteria were also 
more prevalent. At finer taxonomic levels, cownose rays’ microbiome was distinct from 
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that of spotted eagle rays. Major differences were observed in the cloaca and skin 
microbiomes where an unclassified species from the genus Kordiimonas, and another one 
from the class Rhodobacteraceae were at least 2 times more abundant in cownose rays 
compared to spotted eagle rays, (Figure A.1). 
 A single ASV classified to bacterial species Photobacterium damselae and others 
from the Order Flavobacteriales were abundant in cloaca microbiomes of spotted eagle 
rays, constituting ~23% ± 31 and ~34% ± 43% of total sequences, respectively, across both 
captive and wild individuals. 
Differential abundance analyses performed using DESeq2 showed that most 
microbial ASVs that differed significantly in frequency between wild and captive spotted 
eagle rays such as SAR11-clade Ia members, Synechococcus-CC9902, and Tyzzerella sp., 
more abundant in wild spotted eagle rays or Helcococcus sp., more abundant in captive 
rays (Figure A.1), were also found in the surrounding water (Figure A.5). After removing 
these ASVs, no cloaca ASVs were found to be differentially abundant between wild and 
captive eagle rays. Based on the gill data, only one ASV, identified as Kistimonas sp., was 
significantly enriched in wild versus captive spotted eagle ray microbiomes. This ASV was 
present in two wild individuals (at 12.5% and 34.3%) and was absent from all gill 
microbiomes from captive individuals. Based on the skin data, only one ASV, identified 
as Alkanindiges illinoisensis, was significantly enriched in captive versus wild spotted 
eagle ray microbiomes. This ASV was present in half of captive datasets, but at an average 
of only 0.3%; it was absent from all skin microbiomes from wild individuals. 
2.4.4 Potential spotted eagle rays’ core microbiome 
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We defined a core microbiome as ASVs shared between captive and wild spotted 
eagle rays, excluding ASVs that were also found in seawater. Based on these criteria, no 
shared ASVs between captive and wild spotted eagle rays were shared by all individuals, 
and the proportion of individuals sharing a specific ASV also varied between captive and 
wild environments. We found 72, 216, and 306 ASVs identified as ‘core’ in the cloaca, 
gill, and skin microbiomes, respectively.  The cloaca core microbiome was primarily 
composed of Proteobacteria, Bacteroidetes, and Firmicutes. An ASV classified in the 
Order Flavobacteriales represented an average of 39% and 26% of sequences in captive 
and wild cloacal datasets, respectively. Apart from this ASV, > 95% of the cloaca core 
ASVs had frequencies under 2%.  Similarly, the gill and skin core microbiomes were 
primarily composed of Proteobacteria, Firmicutes, and Bacteroidetes, as well as 
Actinobacteria. An ASV classified in the Order Betaproteobacteriales represented an 
average of 1% and 24% of sequences in captive and wild gill datasets, respectively. None 
of the core ASVs of the gill represented over 3% of sequences in captive ray microbiomes. 
On the skin, an ASV identified as Helcococcus sp. represented an average of 32% and 2% 
of sequences in captive and wild datasets, respectively. A core skin ASV classified as 
‘unknown bacterium’ represented 8% of skin sequences from captive rays.  All other core 
skin ASVs had frequencies under 3%.   
ASVs classified as genera containing known fish opportunistic pathogens were 
found in spotted eagle rays and cownose rays (Table A.9). While average proportions of 
the majority of these potential pathogens remained under 1% in captive and wild rays, 
members of the genus Photobacterium, and more specifically one ASV identified as 
Photobacterium damselae showed average relative abundances of up to 26% in cloaca 
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microbiomes where it dominated the microbial community and was more abundant in 
captive compared to wild individuals (Figure A.1). Moreover, the gill and skin core 
microbiomes also contained ASVs classified as genera containing opportunistic pathogens, 
including Streptococcus, Clostridium, and Vibrio, all at frequencies under 0.1%. 
2.5 Discussion 
2.5.1 Environmental influence (Captive vs. Wild) 
In this study, we characterized the microbiome of the spotted eagle ray (Aetobatus 
narinari), focusing on differences between captive and wild individuals, and used 
microbiome data from captive cownose rays (Rhinoptera bonasus) to distinguish the 
relative influence of phylogeny and body site.  Captive cownose ray microbial community 
was distinct from that of captive spotted eagle rays, demonstrating that the phylogeny and 
relatedness of hosts is an important factor shaping the microbiome, as has been observed 
in other animals (Chiarello, Auguet et al. 2018, Tarnecki, Brennan et al. 2019).  The 
microbiome of spotted eagle rays also differed according to captivity status with the cloaca 
microbial communities being more similar between captive and wild individuals compared 
to those of the skin and gills, suggesting that the cloaca may be more influenced by gut 
microbes which are potentially more conserved compared to microbes from external body 
sites that are constantly exposed to the environment. 
We also found significantly lower diversity estimates in captive spotted eagle ray 
samples.  Previous studies on marine and terrestrial animals have shown decreases in a-
diversity associated with captivity (McKenzie, Song et al. 2017, Webster, Consuegra et al. 
2018, Tarnecki, Brennan et al. 2019), reinforcing the idea that captivity can decrease 
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microbiome diversity in animals.  In most captive animals, changes in a-diversity are 
accompanied by shifts in the structure of the microbial community (b-diversity) 
(McKenzie, Song et al. 2017, Webster, Consuegra et al. 2018, Tarnecki, Brennan et al. 
2019, Uren Webster, Rodriguez‐Barreto et al. 2020).  Such differences in b-diversity were 
observed in captive vs wild spotted eagle rays for both internal (cloaca) and external (skin 
and gills) body sites, suggesting that environmental and dietary changes may influence 
spotted eagle rays’ microbiome composition.  While there is concern that decreases or 
changes in microbiome diversity may cause shifts or losses in metabolic functions carried 
out by specific microbes (Amato, Yeoman et al. 2013) and may hinder the success of 
reintroduction efforts (Redford, Segre et al. 2012), these changes are often host species 
specific, and hard to link to host metabolism and health. 
Differences in wild vs captive microbial community structure were accompanied 
by taxonomic differences for all body sites. Microbes often found in aquatic environments 
such as Betaproteobacteriales, SAR11, and Synecococcus were found in higher 
proportions in wild spotted eagle ray microbiomes at all body sites, suggesting that most 
of these microbes are transient and probably lost upon captivity. Specifically, Tyzzerella 
sp. had an average relative abundance over 300 times higher in the cloaca of captive vs 
wild spotted eagle rays. Tyzzerella sp. have been previously found in the gut microbiota of 
a variety of animals (Ijaz, Sivaloganathan et al. 2018, Shui, Yang et al. 2019, Shao and Zhu 
2020), and have appeared to vary with dietary shifts (Shao and Zhu 2020, Zhang, Chen et 
al. 2020). Only one ASV identified as Kistimonas was significantly more abundant in the 
gills of wild spotted eagle rays compared to captive ones. Kistimonas and Kistimonas-like 
species have been previously identified as part of a several invertebrate’s gill (Lim, Davis 
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et al. 2019) and skin (Choi, Kwon et al. 2010) microbiomes, and include potentially 
pathogenic species (Lee, Shin et al. 2012). 
Previous studies have shown that fish external surfaces such as the skin can be 
majorly influenced by environmental and neutral processes (Chiarello, Paz‐Vinas et al. 
2019). For example, Krotman and collaborators showed that water pollution could cause 
dysbiosis in fish skin communities, highlighting the important effect of the environment 
on fish skin microbiomes (Krotman, Yergaliyev et al. 2020).  Perhaps not surprisingly, the 
skin microbiota showed the strongest difference in taxonomic composition between captive 
and wild spotted eagle rays. Helcococcus, which was over 10 times more abundant in skin 
samples of captive spotted eagle rays, are known for colonizing diverse body sites in 
marine animals including the respiratory tract of dolphins (Godoy-Vitorino, Rodriguez-
Hilario et al. 2017, Vendl, Nelson et al. 2020) and whales (Vendl, Slavich et al. 2020), and 
in the gut of Cephalopholis urodeta, a carnivorous coral reef fish (Gao, Zou et al. 2020).  
Despite its low abundance (< 0.5%), the only ASV significantly differentially abundant 
between the skin microbiome of captive and wild spotted eagle rays was Alkanindiges 
illinoisensis, which was only present in captive individuals. This microorganism is an 
alkane-degrading bacterium that has not been reported in marine ecosystems (Bogan, 
Sullivan et al. 2003, Rastogi, Sbodio et al. 2012, Williams and Marco 2014, Fuentes, Barra 
et al. 2016, Colvin DO and Fagg 2020, Yadav, Kim et al. 2020). However this ASV found 
on the skin of captive spotted eagle rays shared 100% sequence identity with an uncultured 
prokaryote (sequence ID: MT067094.1) found in the sediments of Lake Ohrid (Thomas, 
Francke et al. 2020), which suggests that this microbe can also be found in aquatic 
environments. 
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2.5.2 Species influence (Eagle ray vs. cownose ray) 
Spotted eagle rays and cownose rays shared the same major taxonomic groups, and 
diversity pattern for each body site. In accordance with previous studies (Sylvain, Holland 
et al. 2020), the cloaca was less diverse compared to the gills and skin. Cloaca microbial 
communities showed low prevalence of Proteobacteria compared to skin and gills. This 
was accompanied by higher relative abundances of Bacteroidetes while Cyanobacteria and 
Actinobacteria showed lower relative abundances than in the gills or skin. In contrast, 
Firmicutes had higher relative abundances in skin samples. All these same patterns of 
abundance were recovered in a previous analysis of teleost fish-associated microbial 
communities (Ruiz-Rodríguez, Scheifler et al. 2020), suggesting these groups are 
widespread in fish.  
 Cownose rays’ microbial communities were significantly different from 
those of spotted eagle rays for all body sites and from that of seawater, highlighting the 
effect of host species on microbiome assembly. The skin and gill microbiomes from these 
ray species were more similar compared to those from the cloaca, suggesting that the 
influence of phylogeny is more pronounced in the cloaca microbiome. In particular, an 
unidentified Betaproteobacteriales-Incertae-Sedis ASV was significantly more abundant 
in cownose rays’ cloaca, while an ASV identified as Tyzzerella sp. was significantly more 
abundant in spotted eagle ray’s cloaca and gill microbiome. No ASVs with a relative 
abundance above 1% were significantly differentially abundant between the skin 
microbiome of spotted eagle and cownose rays. 
Interestingly, while spotted eagle rays’ microbiome community structure ( b-
diversity) differed between different body sites, this was not the case for cownose rays. 
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This result could suggest that body site niche has a smaller influence on microbiome 
composition in this species compared to spotted eagle rays. The cownose ray sample size 
was low (7 individuals); additional studies may be needed to distinguish clear niche 
separation. 
2.5.3 Physiology influence (skin vs. gills vs. cloaca) 
The proportion of ASVs shared between the cloacae of wild and captive spotted 
eagle rays was smaller compared to the one shared between the cloacae and seawater, but 
was mostly composed of dominant members of the community, while the larger fraction 
shared by the cloaca and water samples included mostly rare members. These results 
suggest that fewer ASVs with higher relative abundances compose cloaca’s core 
microbiome, while environmental ASVs may potentially remain transient. In the core 
cloaca microbiome, one unidentified Flavobacteriales was the most abundant, contributing 
up to 99% in certain samples. These microbes have been previously recognized as part of 
the intestinal microflora of trout (Kim, Brunt et al. 2007) and other marine fish 
(MacDonald, Stark et al. 1986, LeaMaster, Walsh et al. 1997). However, certain 
Flavobacterium species have also been associated with disease in fish (Ekman, Börjeson 
et al. 1999, Wahli and Madsen 2018). These results suggest that the constant contact of the 
cloaca to gut microbes influences cloaca microbiome composition. While the gut 
microbiome can be influenced by habitat modifications (Eichmiller, Hamilton et al. 2016, 
Hyde, Navas-Molina et al. 2016), this microbiome niche may be relatively stable compared 
to those of more external body sites. Host-intrinsic factors such as age and health status 
can also influence gut microbiome composition. The factors underlying stability 
differences among body sites are uncertain but it is hypothesized that host physiology and 
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diet may play a relatively stronger role in regulating microbiome composition in the gut, 
whereas environmental parameters play a relatively stronger role in regulating microbiome 
composition in more external body sites (Sylvain, Cheaib et al. 2016, Sylvain, Holland et 
al. 2020). Alternatively, the relative similarity in cloaca microbiomes between wild and 
captive individuals might suggest that the diet of captive animals (clams, crab, whelk, 
scallops, shrimp, and mussels) is either similar to that of wild individuals or host 
physiology prevents a major change in gut microbiome structure 
 On the other hand, gill and skin spotted eagle ray’s microbiomes were more similar 
to that of the surrounding water. While the proportion of ASVs shared for these body sites 
between captive and wild spotted eagle rays was higher compared to those shared for the 
cloaca, they represented a smaller fraction of the microbial community. Moreover, ASVs 
shared with seawater represented a similar or larger fraction of the gill and skin microbiome 
compared to the cloaca, highlighting a stronger influence from the environment. However, 
the skin and gill microbiomes shared under 50 % of ASVs with any body site, which 
suggests an influence from the host in these external body sites. These probably harbor 
microbes that act as a protective barrier against potential environmental pathogens 
(Marshall and Bellamy 2010, Boutin, Audet et al. 2013, Peatman, Lange et al. 2015, 
Derome, Gauthier et al. 2016). Among the ASVs composing the gill core microbiome, one 
identified as a species of the order Betaproteobacteriales was particularly abundant in the 
gills of wild spotted eagle rays. These microbes have previously been found in various 
aquatic environments (van der Kooij, Veenendaal et al. 2018, Picazo, Rochera et al. 2019), 
and appear to be enriched in fish gill microbiomes (Pratte, Patin et al. 2018). Finally, as 
part of the skin core microbiome of spotted eagle rays, one ASV identified as Helcococcus 
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was particularly abundant on the skin of captive spotted eagle rays. This ASV had 98% 
identity with an uncultured bacterium clone from California sea lion rectal swabs (Bik, 
Costello et al. 2016), as well as with an uncultured bacterium from the skin of fur seals 
(Grosser, Sauer et al. 2019). The presence of multiple unclassified ASVs in the different 
body sites of spotted eagle rays, with low identity levels to previously described 
microorganisms, indicates a large uncharacterized fraction of the microbial community and 
opens the possibility to find novel organisms with metabolic adaptations that allow them 
to colonize and survive in the particular conditions associated with marine life. 
2.5.4 Potential pathogens 
Flavobacteriales species and Photobacterium damselae dominated the gut 
microbial community of both wild and captive rays, although it is important to point out 
that Photobacterium harbor several copies of the 16S rRNA gene (Pei, Oberdorf et al. 
2010), which may result on an overestimation of their proportion in the microbial 
community.  Despite the potential pathogenicity of this microbe (Pedersen, Dalsgaard et 
al. 1997), rays appeared healthy based on medical assessments, which suggests that the 
strain found in these animals may not be pathogenic. Indeed, this bacterium has been 
identified as a common constituent of elasmobranch’s skin and blood microbiome (Grimes, 
Brayton et al. 1985, Mylniczenko, Harris et al. 2007, Givens, Ransom et al. 2015). The 
Anna-Karenina principle relies on the idea that microbiome perturbations translate into a 
variety of unstable states, and not a single dysbiotic state (Zaneveld, McMinds et al. 2017), 
and might be relied upon to estimate animal health.  No statistically significant differences 
in the level of inter-individual variability (dispersion) of the cloaca microbiome were 
observed, suggesting that captive individuals do not harbor a disturbed cloaca microbiome. 
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Moreover, the absence of clear outliers or high abundances of potentially pathogenic 
microbial species in either captive or wild individuals suggests that captive spotted eagle 
rays are not less healthy than their wild counterparts.  While wild individuals appeared 
healthy, their health status was not medically determined, nor was their age, and these 
factors may contribute to some of the variation we observe in this study.  However, it is 
unlikely that all animals sampled were the same age, suggesting that the patterns observed 
are majorly driven by other parameters such as changes in environmental conditions. 
2.6 Conclusion 
This study is the first to characterize the microbiome of spotted eagle rays and 
compare captive versus wild individuals. We found that while captive individuals 
experienced lower diversity and a different microbiome composition than wild rays, the 
extent of the change was modulated by body site niche. The gut microbiome was more 
conserved between captive and wild spotted eagle rays compared to the gills and skin. 
However, the microbiome from all spotted eagle rays’ body sites still remained different 
from the one of sea water and from those of cownose rays, highlighting the influence of 
host related factors in spotted eagle rays’ microbial community assembly. The presence of 
multiple unclassified ASVs as part of spotted eagle rays’ core microbiome underlines its 
uniqueness, and the need for future work to better characterize the structure and function 
of these microbial communities and their role in host health. Moreover, the low relative 
abundance of potential pathogens suggests that both captive and wild individuals were 
healthy, and that captivity had not impaired host health.  Our findings lay down a 
framework to determine what a healthy microbiome looks like in spotted eagle rays, and 
the relative influence of environmental versus host specific factors in shaping this 
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microbiome. Future research considering microbial function and using larger sample sizes 
could help bridge the gap between microbiome composition and host health, and 
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Host associated microbiomes are tightly linked to host’s physiology, metabolism, 
behavior and ecology. Establishing baselines for wild animals ’microbiome, the relative 
influence of environmental factors and how it varies across different body sites, is 
particularly important to better understand species ecology and develop new conservation 
strategies. While captivity can alter animals’ microbiota, the stability and strict monitoring 
of environmental factors, provides ideal conditions to explore these questions. In this study, 
we examined how variable the microbiome of African penguins (Spheniscus demersus) 
from Georgia Aquarium is between body sites and how these compare to environmental 
samples to determine the level of microbiome similarity with the environment relative to 
body site niche. Moreover, we compared the penguin oral and fecal microbiome to those 
of other vertebrate hosts, to determine the differential effect of phylogeny in structuring 
the microbiome of these two body sites. The oral and fecal penguin microbiomes were 
distinct from each other and environmental samples, while microbiomes from all other 
body sites were similar to the surrounding environment. Interestingly, the penguin oral 
microbiome was more similar to that of other marine mammals, while their cloaca 
microbiome was more similar to that of wild birds, which suggests that the particular 
lifestyle of penguins highly influences their oral microbial community, while host 
associated factors may play a larger role in the gut. The penguin microbiome also showed 
the highest proportions of unique sequences compared to other vertebrates, highlighting 
the specificity of penguin’s associated microbial communities. Our results suggest that 
African penguins harbor unique microbial communities that reflect their specific lifestyle 
between land and sea, with variations according to body site niche. This study contributes 
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to establishing a baseline for penguin’s microbiome, and provides a framework relating 
host associated and environmental factors to microbiome composition. Future studies can 
use this knowledge to identify biomarkers and link microbiome composition to host health.  
3.2 Background 
It is now widely accepted that host associated microbes are a crucial component of 
vertebrate’s digestion, organ development, immune system function, behavior, protection 
against pathogens, and overall health (Qin, Li et al. 2010, Heijtz, Wang et al. 2011, Al-
Asmakh, Stukenborg et al. 2014). Because of its important role in organismal development 
and health, determining the diversity, function, and variability of the gut microbiome across 
different animal hosts has received increased attention. Indeed, while intra-specific 
variability in both microbial richness and abundance exists (Eckburg, Bik et al. 2005, Hird, 
Carstens et al. 2014), gut microbial communities appear more similar in closely related 
organisms and can affect processes that extend beyond the individual, such as mating and 
reproduction, but also pathogenic load, spread of disease or even the vectorization of 
antibiotic resistant genes (Sharon, Segal et al. 2010, Marcelino, Wille et al. 2018).  
Despite the increasing body of work related to microbiomes, those of wild animals 
remain understudied. In particular, little is known about wild birds’ microbial communities, 
how they compare to other vertebrate’s microbiomes, and their potential effect on host 
health. Birds are a widespread, abundant and diverse lineage that encompasses a variety of 
morphologies, feeding preferences, life history traits, and ecological characteristics 
(Jenkins, Pimm et al. 2013). From previous research, we know that similarly to other 
vertebrates, birds’ gut microbiota is composed of 4 major phyla including Firmicutes, 
Bacteroidetes, Actinobacteria, and Proteobacteria, with variable relative abundances 
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between species, and greater divergence in microbial richness and abundance at finer 
taxonomic levels (Grond, Sandercock et al. 2018).  While phylogeny appears as the 
primary component differentiating gut microbiotas’ composition (Dewar, Arnould et al. 
2013, Waite and Taylor 2014, Hird, Sánchez et al. 2015, Kropáčková, Těšický et al. 2017), 
other extrinsic factors such as environmental conditions and social interactions, and 
intrinsic factors such as  diet, age and gender, reproduction, gut physiology and host health 
have also been shown to influence the establishment and composition of birds’ and other 
vertebrates’ microbiota (Ley, Peterson et al. 2006, Banks, Cary et al. 2009, Wienemann, 
Schmitt-Wagner et al. 2011, Roggenbuck, Schnell et al. 2014, Ding, Cao et al. 2017, Jiang, 
Ma et al. 2017). For example, environmental parameters such as the nesting environment 
can shape birds microbiome and may be more important in shaping chicks’ microbiota than 
genetic factors in penguins and Great tits (Lucas, Moureau et al. 2005, Dewar, Arnould et 
al. 2013, Barbosa, Balagué et al. 2016, Dewar, Arnould et al. 2017). However, the relative 
effect of these factors is not known and may vary depending on species, developmental 
stage, life history characteristics, and geographical location, among others. Moreover, 
because the collection of feces and cloacal swabs are relatively safe and non-invasive 
methods, most studies have solely relied on these types of samples, leaving other areas of 
the GIT (gastrointestinal tract) and other body sites unsampled, despite studies showing 
that different body sites harbor distinct microbial communities with different functional 
diversity and are differentially affected by both intrinsic and extrinsic factors (Grond, 
Sandercock et al. 2018).  
In contrast to most sections of the GIT, the oral microbiome is largely exposed to 
external components including air and food which is then moved through the rest of the 
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gut. Because it is the first compartment of the GIT, microbes can be easily transferred from 
the oral cavity to other sections of the GIT, underlining the importance of the oral system 
as part of the digestive process but also as a potential reservoir and vector of pathogens and 
disease (Costalonga and Herzberg 2014, Blod, Schlichting et al. 2018, Philip, Suneja et al. 
2018, Wasfi, Abd El‐Rahman et al. 2018). Despite the importance of the oral cavity, fewer 
studies have explored its microbial composition, and most are focused on mammals with 
an emphasis on humans. The structure of the oral cavity varies among certain vertebrate 
lineages, affecting the specific environments inside the mouth, and potentially influencing 
the associated microbial communities. On the other hand, environmental factors such as 
diet have been shown to also influence the oral microbiome (Kato, Vasquez et al. 2017, 
Murtaza, Burke et al. 2019). 
To our knowledge, no studies have explored the microbiome of the African penguin 
(Spheniscus demersus). Like other wild birds, it is now considered an endangered species; 
their population has decreased by ~70 % in 50 years, and is still decreasing (Paleczny, 
Hammill et al. 2015). Despite active conservation efforts including recovery plans, ex-situ 
conservation, protected areas, and education, the levels of breeding success have been 
considered insufficient to maintain the population which keeps decreasing. To tackle this, 
controlling other factors such as disease spread has been proposed to recover or at least 
stabilize population numbers (Cooper, Crawford et al. 2009). However, the implementation 
of such strategies requires baseline knowledge on what a healthy microbiome looks like. 
In this study, we characterized the microbiome of African penguins from Georgia 
Aquarium using 16S rRNA amplicon sequencing. We mostly focused on the GIT, and more 
specifically on the oral and fecal microbiomes that we compared to other vertebrates in 
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order to identify the influence of phylogeny for these two body sites. In addition, we 
explored the microbial communities associated with different body sites including the skin, 
the preening gland, the brood pouch, and feathers as well as from environmental samples 
from the penguin exhibit to determine difference sin microbial composition according to 
body site niche. While previous studies have shown that captivity alters the microbiome of 
wild animals, exploring this animal’s microbiome in a highly controlled environment such 
as the exhibit from Georgia Aquarium, reduces the number of confounding variables 
usually present in the wild and provides a unique opportunity to compare the penguin 
microbiota to that of the surrounding environment. 
3.3 Materials and methods 
3.3.1 Sample collection 
Samples were obtained between November 2018 to March 2019 from various body 
sites of 36 captive African Penguins (Spheniscus demersus) kept at the Georgia Aquarium 
penguin facility (Atlanta, GA, USA). All sampled penguins were born in captivity either 
at Georgia Aquarium or at a different aquarium before being transferred to Georgia 
Aquarium. The Georgia Aquarium facility houses a total 55 penguins but the number of 
individuals occupying the exhibit fluctuates as chicks are born, animals are moved to other 
holding areas, or animals are transferred to other facilities for breeding. The penguin 
facility is an indoor, temperature-controlled 16,500 gallons exhibit that contains an 
artificial rocky environment, and 3 basins filled with artificial seawater 2 to 5 feet deep. 
All basins are connected and supplied from the aquarium life support system (LSS). The 
water from the entire exhibit is turned over every 37 mins using a filtration system 
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composed of two vertical sand filters, a protein fractionator (PSK), an ozone contactor 
(OZC), and a deaeration tower. Both the OZC and the PSK receive direct ozone gas 
injection. A waste water recovery system composed of dirty basin, a clean basin, and a 
recovery sand filter, PSK and OZC, allows to backwash and recover water from the main 
system sand filters to recycle dirty water that can then be sent back to the exhibit. A 
chemical dosing station and salt addition station allows to adjust the pH, alkalinity, and 
salinity as needed.  The water temperature is maintained around 12ºC, within the 
temperature range experienced by African penguins in the wild, which varies between 5 ºC 
to 20 ºC, using a Titanium plate heat exchanger.  The penguins are fed ad libitum twice a 
day capelin, Pacific herring, squid (Loligo sp.), night smelt, and silversides. They do not 
feed during moult.  
Penguin samples were collected while the birds were removed from the exhibit for 
routine health exams which take place annually or as needed to address medical concerns. 
No birds were sampled more than once. These exams also include bloodwork and 
radiographs. All microbiome samples were collected by gently rubbing sterile swabs along 
the region to sample including the cloaca, oral cavity (near the choana), brood pouch, 
uropygial (preening) gland, leg or back skin, making sure to accumulate enough material 
over the surface of the swab. For skin samples, feathers were parted to access the skin. 
Sample collection was approved by the IACUC ethics committee at Georgia Institute of 
Technology. 
Swabs were also collected from surfaces within the exhibit, including dry rocks, 
wet rocks, the shoreline (rock constantly in contact with water from the basin), fresh and 
dry guano, and three different nests. Water microbiome samples from the exhibit basin 
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were collected by filtering water from the basin through a 0.2 µm Sterivex filter, as 
described in previous work (Patin, Pratte et al. 2018). Penguin food microbiome samples 
were collected by gently rubbing a sterile swab on the external surface of fish and other 
mollusks contained in a bucket of food to be delivered to the penguins. All environmental 
samples (water, surface and food swabs) were collected at a single time point in February 
2019. Apart from environmental samples, all samples were collected by certified 
veterinarians. Samples were immediately preserved in an RNA/DNA preserving buffer (25 
mM sodium citrate, 10 mM EDTA, 5.3 M ammonium sulfate, pH 5.2), and frozen at -80 
C° until further processing. A summary of all samples is included in Table 3.1 and Table 
B.1. Data from extraction blanks (sterile swabs without biomass) were processed following 
the same procedures as for the rest of the samples. 
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Table 3.1. Summary of the number of samples and ASVs associated with each 
sample type from the African penguin (Spheniscus demersus) and from the Georgia 
Aquarium penguin exhibit. These ASV numbers include ASVs shared between body 
sites, and environmental samples. 
Sample type Number of samples Number of ASVs 
cloaca 33 815 
oral cavity 35 650 
brood pouch 18 1145 
feather 3 444 
uropygial gland 18 1067 
dorsal skin 9 812 
leg skin 20 1122 
fecal* 2 223 
dry rock 2 536 
wet rock 2 262 
water 2 824 
shoreline 3 538 
nest 4 416 
dry guano** 2 200 
food 8 595 
fecal*: opportunistically collected from the floor during routine 
veterinary examinations 
dry guano**: dry fecal matter collected from rocks in the exhibit 
3.3.2 DNA extraction and sequencing 
Total DNA was extracted from swabs using the PowerSoil DNA extraction kit 
(QIAGEN, Location, USA). Swabs were placed directly into PowerBead tubes and 
extracted according to the manufacturer’s instructions. DNA from Sterivex filters was 
extracted following the protocol described in Padilla et al, 2017. For each sample, the V3-
V4 region of the 16S rRNA gene was amplified by PCR using primers F515 and R806    
(Caporaso, Lauber et al. 2011), each appended with barcodes and Illumina-specific 
adapters as described previously (Kozich, Westcott et al. 2013). Reaction mixtures 
included 2 to 5 μl DNA template, 12.5 μl Hot Start Taq PCR MasterMix (VWR), 0.27 μl 
(each) forward and reverse primers, and 0.5 μl bovine serum albumin (BSA) (20 mg/ml; 
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New England BioLabs Inc.). PCR conditions included an initial 1 min denaturation at 
94°C, followed by 30 cycles of denaturation at 94°C (1 min), primer annealing at 55°C (2 
min), and primer extension at 72°C (90 s) and then a final extension at 72°C for 10 min. 
Amplicon libraries were purified using Diffinity RapidTip PCR purification tips (Diffinity 
Genomics, NY), quantified fluorometrically on a Qubit (Life Technologies), and pooled at 
equimolar concentrations. Amplicons were sequenced on an Illumina MiSeq using a V2 
500-cycle kit (250 × 250 bp) with 5% PhiX to increase read diversity.  
3.3.3 Illumina data processing 
Raw reads were quality checked using the DADA2 R-package (Callahan, 
McMurdie et al. 2016) and QIIME 2 2019.4 (Bolyen, Rideout et al. 2019). All forward 
reads were demultiplexed, quality filtered and trimmed to 175 bp following the DADA2 
pipeline from (Callahan, McMurdie et al. 2016), while reverse reads were discarded due to 
lower quality.  Taxonomy was assigned to amplicon sequence variants (ASVs) using the 
SILVA-132 database. The resulting representative sequences, taxonomy and ASV tables, 
were imported into QIIME 2 2019.4 (Bolyen, Rideout et al. 2019). Sequences classified as 
Chloroplast, and Eukaryota were removed from the dataset. 
Penguin oral and cloaca samples were compared to other vertebrate oral and fecal 
or cloaca 16S rRNA gene datasets, respectively. To assess the relative influence of 
phylogeny in shaping the oral and cloaca penguin microbiomes, the datasets used for 
comparisons included terrestrial birds, reptiles and mammals (including marine mammals). 
If phylogeny were to play a more important role, penguin microbial communities would 
appear more similar to those of other birds. Due to the limited number of studies on oral 
microbiomes from diverse species, the sampling methods differed among the studies 
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included in both the oral and fecal comparisons. A summary of these datasets is included 
in Tables B.2 and B.3. Reads from these prior studies were trimmed to retain the same V3-
V4 region amplified in this study. Datasets sequenced using Illumina technology were then 
pooled and processed through DADA2 using the same method as for the penguin dataset. 
Datasets sequenced using 454 technology were processed separately, and parameters were 
adjusted in the DADA2 algorithm to deal with such data by modifying denoising 
parameters, and filtering sequences by maximum length (Callahan, McMurdie et al. 2016). 
Final ASV tables issued from Illumina and 454 sequencing technologies were merged and 
taxonomy was assigned following the same method as for the penguin dataset. 
3.3.4 Statistical analysis 
All amplicon sequence variants (ASVs) were aligned with Mafft (Katoh, Misawa 
et al. 2002), via q2‐alignment, and used to construct a phylogeny with fasttree2 (Price, 
Dehal et al. 2010), via q2‐phylogeny. Based on the variation of a-diversity as a function 
of sampling depth (Shannon Diversity and Faith’s phylogenetic Diversity (Faith 1992) 
computed using the q2-diversity plugin in QIIME2), samples were rarefied (subsampled 
without replacement) to 2500 reads, with the exception of the fecal microbiome 
comparisons, for which the data were rarified to 2000 sequences. Data analyses were 
focused on characterizing the microbiome of the African penguin and identifying the 
relative influence of environmental versus host related factors in shaping this microbiome 
depending on the body site considered. These analyses included assessing differences in a 
(Observed ASVs, and Shannon diversity index) and b- diversity (weighted and unweighted 
UniFrac, and Bray-Curtis distances) between different penguin body sites and 
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environmental samples, and between different animal classes (reptiles, birds, and 
mammals) and penguins when focusing on the oral and cloaca microbiomes. All analyzes 
were performed using the rarefied ASV tables, unless otherwise specified. Both a and b- 
diversity analyses were performed on the merged and rarefied ASV tables, and Kruskal-
Wallis test were computed to identify significant differences in microbial community 
composition between penguin body sites, or between the oral and cloaca microbial 
communities of the different animals classes compared to those of the penguin. b-diversity 
was measured as weighted Unifrac dissimilarity calculated using q2‐diversity plugin in 
QIIME2. Weighted Unifrac dissimilarity matrices were used to construct Principle 
Coordinate Analysis (PCoA) using Primer-e v.7 (Clarke 2015), and PERMANOVA tests 
were subsequently performed to identify significant differences in microbiome 
composition between penguin body sites and the environment, and between different 
animal classes when focusing on the cloaca and oral microbiome exclusively. 
To determine if ASVs from the phylum Tenericutes present in the penguin food 
were the same found in the oral cavity and cloaca microbiome, a heatmap representing the 
relative abundances  of these ASVs organized following Bray Curtis distances, with a  
hierarchical clustering of the samples was performed using the package Heatplus in R . 
To identify ASVs potentially composing the core penguin microbiome, for each 
body site, we identified ASVs representing over 1 % of the microbial community, and 
present in 100 % of individuals, that differ in relative abundance between penguin samples 
and the environment (fresh feces on floor, dry feces on floor, dry rock, nest, wet rock, rock 
from the shoreline, water, and food), using the package DEseq2 in R (Love, Huber et al. 
2014), with the non-rarefied merged ASV table. 
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3.4 Results 
3.4.1 Microbiome samples 
176 penguin samples used for 16SrRNA sequencing span body sites including the 
cloaca, mouth, skin, brood pouch, and preening gland, as well as environmental samples 
including the exhibit water, surfaces in the exhibit, and the food. After quality filtering, 
trimming, and rarefaction, 161 samples constituting 3232 ASVs composed the final 
penguin dataset. The number of ASVs recovered for each sample type and sample number 
are summarized in Table 3.1. Penguin oral and cloaca microbiomes were also compared to 
those from other vertebrate species. After quality filtering, trimming, and rarefaction, a 
total of 162 samples constituting a total 6522 ASVs were recovered from the oral 
microbiome comparison, and 226 samples constituting 8795 ASVs were recovered from 
the fecal microbiome comparison. The number of ASVs recovered for each sample type 
and sample number are summarized in Tables B.2 and B.3, respectively. The ASV numbers 
include ASVs shared between different sample types (penguin body sites, animal species, 
or environmental samples). Sampling fecal matter from wild animals can be difficult, 
particularly for those that live in aquatic environments. Moreover, the samples used in this 
study needed to be issued from studies using 454 or Illumina sequencing technologies, 
targeting the V4-V5 portion of the 16S rRNA gene to make meaningful comparisons. 
Therefore, samples used in fecal comparisons included both fecal and cloaca samples 
(Table B.3). 
3.4.2 The penguin oral microbiome is similar to those of marine mammals 
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Richness and diversity estimated using the number of observed ASVs and the 
Shannon diversity index varied significantly among the oral microbiome of vertebrate 
species (Figure B.1, Kruskal-Wallis p-values <0.05). The Komodo dragon showed the 
highest richness and diversity, followed by the dolphin and the Great tit. In contrast, the 
prairie rattlesnake, the sea lion, and the hawk showed the lowest a-diversities. Similarly, 
oral microbiome composition (based on weighted UniFrac distances) also varied 
significantly between vertebrate species (Figure 3.1, PERMANOVA, F=24.1, p=0.01), 
except between the Komodo dragon and the Gray’s monitor (PERMANOVA, F=1.6, 
p=0.11). Despite tighter clustering within species, the oral microbiomes of marine 
vertebrates (penguin, sea lion, and dolphin) were more similar in composition compared to 
other vertebrate species and formed a distinct group (Figure 3.1). While this pattern was 
conserved when using unweighted UniFrac distances, it was lost when using Bray-Curtis 
distances.  
 
Figure 3.1. Principal coordinate analysis (PCoA) of b-diversity comparisons using 
weighted Unifrac distances between the oral microbiome of various vertebrate hosts 
including birds, reptiles, and mammals. Penguin samples are from the current study 
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Five bacterial phyla - Actinobacteria, Bacteroidetes, Proteobacteria, Firmicutes, 
and Fusobacteria - were shared among all host species (Figure 3.2A), with substantial 
variations in relative abundance between hosts. Interestingly, at the phyla level, marine 
vertebrates appeared more similar to each other compared to other vertebrate hosts, 
harboring the lowest relative abundances of Actinobacteria (< 2%) and Firmicutes (< 9 %), 
and the highest relative abundances of Bacteroidetes (> 34%).  
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Figure 3.2. Bar plots indicating the average relative abundance of taxa composing 
the oral microbiome of various vertebrate hosts (birds, reptiles, and mammals). A) 
at the phyla level, B) at the genus level. Only the 4 most abundant genera for each host 
species are included 
Only 4 unclassified genera – including members from Chitinophagaceae, 
Lachnospiraceae, Rhodobacteraceae, and Gammaproteobacteria – were shared by all 
animal species, despite strong inter-individual variability (Figure 3.2B). The genus 
































































































































































































unique genera including Paludibacteraceae-unassigned, Tenacibaculum, 
Desulfobacteraceae-unassigned, and Desulfoplanes. However, these ASVs represented 
small fractions of the oral microbial community (< 3 %) and were represented by different 
ASVs in each of the vertebrate species. Despite similarities with marine mammals’ oral 
microbiome, the penguin oral microbiota still shared a larger number of taxa with those of 
other birds (66 genera with birds vs 26 with marine mammals). 
The number of unassigned ASVs varied from 0.9 % (Gray’s monitor) to 3.8% 
(bottlenose dolphin) and was highly variable between host species (Table 3.2). 
Interestingly, the penguin oral microbiome was composed of the highest percentage of 
unique ASVs (~92 %), followed by the microbiome of mammals, where percentages 
ranged from ~71 % (sea lion and human) to ~89 % (bottlenose dolphin; Table 3.4). Among 
penguin’s unique ASVs, ~97% could not be assigned to the species level. Unique ASVs 
representing over 1% of the penguin’s oral microbiota included Suttonella and other 
Cardiobacteraceae, Flavobacteriaceae such as Coenonia, Moraxellaceae such as 

















Table 3.2. Summary of the proportion of each host species oral microbiome 
represented by unique or unassigned ASVs. Unique ASVs corresponded to ASVs not 
shared with any other host species, and unassigned ASVs corresponded to ASVs that 
could not be classified beyond the kingdom level 
Host species Unique ASVs (%) Unassigned ASVS (%) 
African penguin 92.32 1.4 
Urban Cooper's hawk 57.05 1.7 
Great tit 47.52 2.7 
Komodo dragon 69.94 5.1 
Mangrove monitor 21.67 2.5 
Gray's monitor 13.62 0.9 
Black roughneck monitor lizard 13.33 2.2 
Prairie rattlesnake 16.56 7.0 
California sea lion 71.20 2.4 
Bottlenose dolphin 88.52 3.8 
Human 71.31 2.6 
 
3.4.3 The penguin fecal microbiome is most similar to those of other kids 
Richness and diversity, estimated using the number of observed ASVs and the 
Shannon diversity index varied significantly among the fecal microbiome of vertebrate 
species (Figure B.2, Kruskal-Wallis p-values <0.05 for all pairwise comparisons). The hen 
showed the highest richness and diversity, followed by the human and the Great tit. In 
contrast, the dolphin, showed the lowest a-diversity. Similarly, fecal microbiome 
composition (based on weighted UniFrac distances) also varied significantly between 
vertebrate species (Figure 3.3, PERMANOVA, F=158.4, p=0.001). Interestingly, poultry 
samples were highly different from all other fecal microbiomes (Figure 3.3A). In contrast 
to the oral microbiome vertebrate comparisons, the penguin fecal microbiome clustered 
with those of other wild birds, while the marine mammal  microbiomes (dolphin and sea 
lion) clustered with those of humans (Figure 3.3B). 
 84 
 
Figure 3.3. Principal coordinate analysis (PCoA) of b-diversity comparisons using 
weighted Unifrac distances between the fecal microbiome of various vertebrate 
hosts including birds, reptiles, and mammals A) includes poultry samples, B) does 
not include poultry samples. Penguin samples are from the current study 
All vertebrate’s fecal microbiome shared the same main phyla including 
Firmicutes, Proteobacteria, Bacteroidetes, and Actinobacteria, despite strong inter-species 
variability (Figure 3.4A). Mammals showed low proportions of Actinobacteria (< 0.1 %), 
while wild birds (penguin, barn swallow, and Great tit) showed the highest (> 13 %). 
Patescibacteria was almost exclusively present in wild birds, while Fusobacteria was 
almost exclusively shared by mammals and reptiles (Figure 3.4A). Poultry taxonomic 
composition was highly distinct compared to that of other vertebrates (Figure 3.4). This 
group did not share several phyla present in all other bird hosts, and was instead highly 
dominated by Lactobacillus (25 to 50 %), while this genus represented under 3 % of the 
fecal microbiome in all other vertebrates.  
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Figure 3.4. Bar plots indicating the average relative abundance of taxa composing 
the fecal microbiome of various vertebrate hosts (birds, reptiles, and mammals). A) 
at the phyla level, B) at the genus level. Only the 4 most abundant genera for each host 
species are included 
Only 4 genera – including Lactobacillus, Clostridium, Escherichia/Shigella, and 
Enterobacteriaceae-unassigned – were shared by all animal species, despite strong inter-
individual variability (Figure 3.4B). The genera Corynebactericeae and Catellicococcus 
were uniquely shared by all bird species’ fecal microbiome. They represented a small 
fraction of the microbiome (< 1.5 %) and were primarily composed by different ASVs for 
each host species. In contrast to the oral microbiome, the penguin did not share any genera 


















































































































































Interestingly, the number of unassigned and unique fecal ASVs was the highest in 
the penguin (~2.2 % and ~86 %, respectively), followed by that of the human microbiome 
(~1.8 % and ~83 % respectively; Table 3.3). Among penguin’s unique ASVs, ~98% could 
not be assigned to the species level. Unique ASVs representing over 1% of the penguin’s 
fecal microbiota, included members of the Clostridiales-Family XI such as Ezakiella and 
Gallicola, members of the family Neisseriaceae, and genera Campylobacter, Actinomices, 
Petrimonas, Proteiniphilum, and Fastidiosipila (Table B.5). 
Table 3.3. Summary of the proportion of each host species fecal microbiome 
represented by unique or unassigned ASVs. Unique ASVs corresponded to ASVs not 
shared with any other host species, and unassigned ASVs corresponded to ASVs that 
could not be classified beyond the kingdom level 
Host species Unique ASVs (%) Unassigned ASVS (%) 
African penguin 85.920 2.155 
Barn swallow 59.504 0.432 
Great tit 55.776 0.550 
Broiler 33.378 0.203 
Hen 46.838 0.656 
Crocodile lizard 66.754 0.982 
Komodo dragon 79.442 1.804 
California sea lion 51.020 0.000 
Bottlenose dolphin 52.101 0.000 
Human 82.738 1.758 
 
3.4.4 Penguin microbiomes from external body sites are similar to those of the 
environment 
No significant differences in richness or diversity were observed between penguin 
body sites and environmental samples (Figure B.3, Kruskal-Wallis p-values >0.05). The 
penguin microbiome composition (based on a weighted UniFrac distances), showed a 
distinct grouping of cloaca and oral samples, while the more external penguin body sites 
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clustered with environmental samples (Figure 3.5). However, the microbial composition 
from the majority of these external body sites still appeared significantly different between 
body sites, and from the environment, except for dry rock, and feather samples 
(PERMANOVA, Table B.6).  
 
Figure 3.5. A) Schematic of the penguin (Spheniscus demersus) body sites sampling 
locations and B) Principal coordinate analysis (PCoA) of b-diversity comparisons 
using weighted Unifrac distances between the microbiome of various penguin body 
sites and from environmental samples of the penguin exhibit 
All samples were mostly dominated by Proteobacteria, Firmicutes, Bacteroidetes, 
and Actinobacteria, and shared genera Psychrobacter, and Oceanisphaera (Figure 3.6).   
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Figure 3.6. Bar plots indicating the average relative abundance of taxa composing 
the penguin (Spheniscus demersus) microbiome at different body sites and of 
environmental samples collected from the penguin exhibit . A) at the phyla level, B) 
at the genus level. Only the 4 most abundant genera for each host species are included 
Interestingly, food, oral, and cloaca samples contained Tenericutes with higher 
relative abundance in the food. However few ASVs from this phylum were shared between 
these sample types (Figure B.4). Under 45 % of cloaca and oral ASVs were shared with 



























































































































































































with the environment. Moreover, the fraction of unique ASVs constituting the oral and 
cloaca microbiomes was also twice as high, compared to other body sites (Table B.7). 
Because ASVs unique to specific penguin body sites were often present in few individuals, 
with low (<1 %) proportions, we identified microbes differentially abundant from the 
environment, representing over 1 % of the microbiome, and present in 100 % of individuals 
for each body site, as potential members of the penguin core microbiome. These 
corresponded to ASVs identified as unassigned Psychrobacter, and Suttonella, which were 
significantly more abundant in penguin’s microbiome at all body sites, except for the 
cloaca, compared to that of the environment. ASVs identified as unassigned 
Ornithobacterium and Coenonia composed the oral and back skin core microbiome, an 
ASV belonging to the genus Kocuria was identified as part of the brood pouch core 
microbiota, and an unassigned ASV belonging to the class Oceanisphaera belonged to the 
leg skin microbiome. ASVs including unassigned members of the genera Gallicola, 
Actinomyces, Petrimonas, Campilobacter, and Fastidiosipila composed the cloaca core 
microbiome (Table B.8). Among these, were some microbial species that are known to be 
potentially pathogenic (Table B.9). 
Patterns in microbial composition related to metadata variables including age, sex, 
time since moult, reproductive status, use of a nest, use of specific medications and 
supplements, and antiseptic treatment for bumblefoot were also tested. However, small 
sample sizes did not allow us to find statistically significant patterns. 
3.5 Discussion 
3.5.1 Influence of phylogeny (cloaca vs. oral cavity) 
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Based on previous research, phylogeny and diet appear as main factors shaping the 
microbiome of vertebrates (Groussin, Mazel et al. 2017, Pascoe, Hauffe et al. 2017, 
Youngblut, Reischer et al. 2019) with variations in their relative importance among host 
clades. Confirming these observations, cloaca and oral microbial communities clustered 
principally based on species, and differences in a-diversity also appeared to be species 
specific. Interestingly, the penguin oral microbiome appeared more similar to that of other 
marine vertebrates (bottlenose dolphin and California sea lion). In accordance with 
previous studies highlighting the major role that diet plays in shaping the oral microbiota 
(Adler, Dobney et al. 2013, Kato, Vasquez et al. 2017), this result suggests that the marine 
lifestyle, and a potentially similar diet may explain the similarity between the penguin and 
marine mammals oral microbiome, despite strong differences in physiology. On the other 
hand, penguin’s cloaca microbiota was more similar to that of other birds (barn swallow 
and Great tit), highlighting the effect of phylogeny as a main driver of bird’s gut 
microbiome (Hird, Carstens et al. 2014, Waite and Taylor 2014, Kropáčková, Těšický et 
al. 2017) . Interestingly, poultry fecal microbial composition was very different from that 
of any other vertebrates and was highly dominated by Lactobacillus. This suggests that 
while phylogeny plays a major role in structuring the bird gut microbiome, highly 
controlled environments such as those used in commercial farming through multiple 
generations, can cause drastic changes in microbiome composition. 
All species oral and cloaca microbiomes were dominated by phyla that usually 
prevail in vertebrate microbiomes including Firmicutes, Bacteroidetes, Proteobacteria, and 
Actinobacteria (Marchesi 2011, Waite and Taylor 2014, Youngblut, Reischer et al. 2019), 
with proportions that were more similar between marine vertebrates oral microbial 
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communities (penguin, dolphin and sea lion). In contrast, few genera were shared by all 
host species, and corresponded to groups commonly found in the GIT including members 
of families Chitinophagaceae, Lachnospiraceae, Rhodobacteraceae, and 
Gammaproteobacteria for the oral microbiome, and members of Lactobacillus, 
Clostridium, Escherichia/Shigella, and Enterobacteriaceae for the fecal microbiome 
(Koren, Spor et al. 2011, Armingohar, Jørgensen et al. 2014, Kviatkovski and Minz 2015, 
Cassir, Benamar et al. 2016, Chen, Wu et al. 2018, Lu, Ren et al. 2019). A single genus 
identified as Proteiniphilum, previously found in hawks oral microbiome (Taylor, Mannan 
et al. 2019) was unique to the oral microbiome of birds, and 2 genera commonly found in 
birds’ GIT, identified as Corynebacteriaceae (Yakimova, Kapustin et al. 2019), and 
Catellicococcus (Sinigalliano, Ervin et al. 2013) were unique to birds’ fecal microbiota. 
Marine vertebrates’ oral micorbiome shared 4 genera unique to this group. These 
included sulfate reducers such as Desulfoplanes and Desulfobacteraceae found in aquatic 
environments and some host associated systems (Watanabe, Kojima et al. 2015, 
Bernasconi, Stat et al. 2019), as well as genera that have been previously identified as part 
of marine mammals microbiome such as Paludibacteraceae (D'Agnese, McLaughlin et al. 
2020), and Tenacibaculum which has been found in the skin microbiome of humpback 
whales where it could provide benefits to the host (Apprill, Robbins et al. 2014). No genera 
were shared between the penguin’s and marine mammals’ fecal microbiota. 
3.5.2 Differences in microbial composition according to body site niche 
b-diversity analyses showed that except for the cloaca and oral penguin 
microbiomes, the microbiota from all other body sites was similar to that of the surrounding 
environment. Moreover, while both environmental and penguin samples were mostly 
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dominated by the same phyla, and shared genera Ocanisphaera and Psychrobacter, which 
have been associated with both free (Xu, Zhang et al. 2014, Hurtado-Ortiz, Nazimoudine 
et al. 2017) and host-associated marine environments (Apprill, Robbins et al. 2014, Sung, 
Kim et al. 2018), cloaca and oral microbiomes still shared a lesser number of ASVs with 
the environment and contained the highest fraction of unique ASVs. Moreover, while the 
Tenericutes phylum was particularly present in GIT related samples with decreasing 
proportions from food, to oral, to cloaca samples, the ASVs present in each of these 
environments were mostly different, suggesting that each of these environments present 
specific microbial communities that are not just left over from the food. These results 
confirm the specificity of the penguin cloaca and oral microbiomes, while the higher 
similarity of other penguin body sites with the surrounding environment, suggests a higher 
level of transfer of microbes between these body sites and the environment.  However, this 
pattern may be accentuated by captivity in an enclosed and constrained environment. 
3.5.3 Uniqueness of the African penguin microbiome 
Compared to other vertebrates, penguin oral and cloaca microbiomes were 
composed of the highest proportion of unique sequences among which > 95 % could not 
be identified to the species level, and the cloaca microbiota also presented the highest 
fraction of unassigned sequences that could potentially be novel microbes, highlighting the 
uniqueness of the penguin GIT microbiome. The most abundant ASVs (> 1%) unique to 
the penguin oral and cloaca microbiota, corresponded to taxonomic groups that are often 
found associated with the respiratory or GIT of birds but also contain potential pathogens. 
These included microbes from the families Cardiobacteriaceae (Mihaylova and Gomila 
2014), Flavobacteriaceae (Grond, Sandercock et al. 2018), Weeksellaceae, Moraxellaceae 
 93 
(Pearce, Hoover et al. 2017), and Mycoplasmataceae (Lierz, Hagen et al. 2008). Unique 
cloaca penguin ASVs with the highest proportions corresponded to members of the 
Clostridiales-Family XI (Chintoan-Uta, Wisedchanwet et al. 2020), Neisseriaceae (Liu, 
Tang et al. 2015),  Campylobacteraceae (Pitkänen and Hänninen 2017), 
Dysgonomonadaceae  (Sandri, Correa et al. 2020), Ruminococcaceae (Stanley, Hughes et 
al. 2016), and Actinomcetaceae (Kelly, Kennedy et al. 2015), also usually found in the 
GIT. Other body sites’ core microbiome were also majorly composed by these same 
taxonomic groups, reinforcing the potential benefit they have on the host. Specific to the 
brood pouch core microbiome, an ASV was identified as an unclassified Kocuria, a 
microbial species recently found in the preening glands of wild birds (Braun, Wang et al. 
2019). While the penguin microbiome contained a variety of microbe species that harbor 
some pathogenic strains with relative abundances of up to ~ 15% (Coenonia in the oral 
microbiome), penguins from Georgia Aquarium were healthy and are constantly 
monitored, which suggests that the ASVs recovered from these animals are more likely 
non pathogenic. 
3.6 Conclusion 
Our study showed that the oral microbiome of African penguins was more similar to 
that of other marine mammals while their fecal microbiota was more similar to that of other 
wild birds, reflecting differences in the effect of phylogeny in different sections of the GIT. 
While cloaca and oral penguin samples harbored distinct microbial communities, all other 
body sites appeared similar to environmental samples showing a tight connection with their 
habitat. Both cloaca and oral penguin samples also showed the highest number of unique 
sequences compared to other vertebrates, and most of these unique sequences could not be 
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assigned to the species level. These results emphasize the uniqueness of the penguin GIT 
microbiome and the need to further characterize these microbial communities and how they 
may influence host-health. Future studies would benefit from including wild animals to 
assess the influence of captivity on penguins’ microbiome and identify potential 
biomarkers of host and ecosystem health. 
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CHAPTER 4. WATER COLUMN AND SEDIMENT CORE 
DEPTH DRIVE SPATIAL DECOUPLING OF SEDIMENT 








Biogeographic surveys of sediment microbial communities and their link to 
geochemical parameters as a function of depth on broad spatial scales across a region are 
relatively scarce. In this study, sequencing of 16S rRNA gene amplicons from both 
Bacteria and Archaea was used alongside high resolution depth profiles of the main redox 
species involved in carbon remineralization processes and nutrients to explore microbial 
diversity patterns in sediment cores from the continental shelf to the slope of the northern 
Gulf of Mexico. Both shelf and slope sediments were deprived of dissolved oxygen within 
7 mm from the sediment-water interface and were therefore mostly anoxic. The shelf 
sediments were characterized by geochemical indicators of sulfate reduction with either 
dissolved H2S or FeSaq proxies for iron sulfide mineral precipitation, whereas the slope 
sediments were characteristic of intense nitrate- and metal-reducing conditions with strong 
nitrate gradients below the sediment-water interface and high dissolved manganese but 
relatively low dissolved iron concentrations. Canonical Correspondence Analysis (CCA) 
revealed that dissolved inorganic carbon, orthophosphate, and sulfide concentrations were 
the main drivers in shaping the microbial communities across the shelf communities, while 
NO3- appeared more important in shaping microbial communities along the slope (p-value 
£ 0.01). Specifically, dissimilatory sulfur metabolizing (oxidizing and reducing) microbes 
such as Desulfobulbaceae, Desulfobacteriaecae, Thiohalorhabdaceae, 
Thioalkalispiracaea, and Ectothiorhodospiraceae were enriched in continental shelf 
sediments, consistent with elevated dissolved sulfide in these cores. In contrast, sediments 
from the continental slope were enriched in aerobic ammonia oxidizing Thaumarchaeota 
and Bacteria, as well as anaerobic ammonia oxidizing Brocadiales, suggesting ammonia 
 97 
consumption and nitrification as important microbial processes in slope sediments. 
Multivariate analyses of 16S rRNA gene amplicons and geochemical signals provided 
strong evidence that the composition of both the sediment bacterial and archaeal 
communities was linked to the depth of the overlying water column and proximity to shore. 
Vertical differences in composition were observed at centimeter resolution along the 
sediment depth profiles and were most pronounced in continental shelf sediments. 
Particularly on the shelf, Bathyarchaeota which have been implicated in sulfur and 
nitrogen reduction and methane cycling, showed some the highest increases in relative 
abundance with sediment core depth. Analysis of the Archaea community using domain-
specific primers did not provide better estimates of diversity compared to conventional 16S 
rRNA gene survey primers. Overall, the data support the hypothesis that high organic 
matter deposition to shelf sediments significantly differentiates the resident microbial 
communities from those in deeper, continental slope environments, and may stimulate taxa 
involved in sulfur and methane cycling. Such studies are useful to identify geochemical 
features associated with unique microbial assemblages and, therefore, help clarify the 
functional roles of microbes in the environment. 
4.2 Introduction 
Sedimentary processes in marine environments affect the overlying column and the 
global cycling of elements including carbon, nitrogen, iron, manganese, and sulfur 
(Snelgrove, Blackburn et al. 1997). Despite the importance of these environments, 
biogeographic surveys of sediment microbial communities and their link to geochemical 
parameters on broad spatial scales across a region are relatively scarce. This information is 
critical to better characterize sediment ecosystems and their impact on global processes 
 98 
such as nutrient cycling (Forsberg 1989, Arrigo 2005), ocean acidification (Cai, Hu et al. 
2011), and primary production (Johnson, Chavez et al. 1999).  
Sediment microbial communities are estimated to represent at least half of the Earth’s 
microbial biomass (Whitman, Coleman et al. 1998) but remain relatively under 
characterized. In addition to the lack of culturable representatives which can limit our 
understanding of microbial function, most studies have mainly focused on the bacterial 
fraction of the prokaryotic community. Archaea, however, also appear to be active, 
abundant, and widespread in marine sediments, particularly in the deep marine subsurface 
where they contribute to carbon degradation processes and nutrient cycling (Sturt, 
Summons et al. 2004, Schippers, Neretin et al. 2005, Biddle, Lipp et al. 2006). The lack of 
culturable representatives and the mutual exclusivity of lineages, as well as the fact that 
most PCR 16S rRNA universal primers are predominantly designed to target the bacterial 
fraction, can bias the estimates of abundance and phylogenetic diversity of archaeal 
members (Teske and Sørensen 2008, Raymann, Moeller et al. 2017). Therefore, better 
targeting this group may be particularly useful to better understand deep sedimentary 
processes, including the processes only conducted by archaea, such as the production and 
consumption of methane (Hinrichs, Hayes et al. 1999, Lloyd, Alperin et al. 2011, McGlynn 
2017, Beulig, Røy et al. 2019). 
The amount of organic and inorganic material reaching sediments mostly depends 
on the intensity of primary production in the overlying water column, water column depth, 
distance from shore, and riverine inputs (Hartnett, Keil et al. 1998, Wei, Rowe et al. 2010, 
Zinger, Amaral-Zettler et al. 2011, Bienhold, Zinger et al. 2016, Overholt, Schwing et al. 
2019), and the amount of organic matter deposition structures sediment’s chemical 
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environment. Near shore sediments are associated with higher loads of organic material 
from surface primary production and riverine sources, and as a result experience more 
biogeochemical variability than deep sea systems because of their stronger connection to 
terrestrial processes (Bauer, Cai et al. 2013). In these organic matter rich sediments, oxygen 
is rapidly depleted through aerobic respiration and reoxidation of reduced metabolites 
(Glud 2008), anaerobic processes using sulfate as the primary terminal electron acceptor 
(Jørgensen 1982) are found closer to the sediment-water interface , and geochemical 
gradients are sharper (Burdige 1993). Thus, higher abundances of microbial species 
associated with sulfur cycling are present in organic-rich marine sediments, followed by a 
fast and sharp increase in methane- or hydrocarbon-related microbial species in the deeper 
layers (Beulig, Røy et al. 2018), while gradients of physical and geochemical parameters 
such as pressure, temperature, salinity, and pH, which control microbial community 
composition and function, remain mostly consistent in deep sea sediments (Lozupone and 
Knight 2007, Bienhold, Boetius et al. 2012). In these environments, the input flux of 
organic carbon is so low that oxygen penetration depth reaches several centimeters (Glud, 
2008), and are dominated by aerobic respiration, denitrification and manganese reduction 
(Jahnke, Reimers et al. 1990).  
In continental slope sediments, riverine dissolved and particulate material eventually 
delivered to the ocean flocculates and aggregates into fine-grained material that settles into 
the benthic boundary layer (BBL) 0.1-2 m above the seabed and forms mobile muds, an 
ephemeral layer that is often remobilized by physical mixing generated by tidal currents or 
storms (Aller 1982, Aller 1998, McKee, Aller et al. 2004). These mobile muds are 
eventually deposited on continental shelves and slopes, with selective dispersal that 
 100 
depends on particle size, density, morphology, or composition (McKee et al., 2004), and 
enhance carbon remineralization by exposing sediment to oxygenated bottom waters (Aller 
1998, Hartnett, Keil et al. 1998, Blair and Aller 2012) and co-metabolizing fresh, 
planktonic organic carbon (Canfield 1994). As a result, sediment distribution across 
continental margins and their associated diagenetic processes may vary widely depending 
on the organic carbon and lithologic composition of the top sediment layers (Canfield 1994, 
Grégoire and Friedrich 2004, Taillefert, Beckler et al. 2017). Subsequently, sulfur cycling 
processes are more prevalent deeper into the sediment in the anoxic zones as a result of the 
depletion of more energetically favorable electron acceptors (Froelich, Klinkhammer et al. 
1979). Finally, the low concentration of organic material in open ocean environments limits 
microbial diversity, while in organic rich sediments, the unavailability of electron donors 
and acceptors deeper within the sediment control microbial abundance and richness 
(D'Hondt, Rutherford et al. 2002, D'Hondt, Jørgensen et al. 2004).  
The Louisiana continental shelf in the northern Gulf of Mexico is a dynamic system 
within close proximity of the Mississippi and Atchafalaya River system (MARS) which 
transports large amounts of freshwater and sediment material to the shelf (Dagg, Benner et 
al. 2004) and references therein). The high discharge of nutrients to the nGoM creates a 
seasonal hypoxic zones in the water column during the summer (May-August) (Rabalais, 
Turner et al. 2007). Hypoxic zone sediments can be classified in three geochemically 
distinct zones influenced by the sedimentology resulting from MARS discharge including 
regions where (1) metal oxide cycling dominates, (2) oxygen delivery into sediments exist 
from due to bioturbation, and (3) iron oxide limited sulfate reduction dominates (Devereux, 
Lehrter et al. 2019). Additionally, the continental slope and Mississippi canyon receive 
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terrestrial inputs from the shelf region, including organic (Bianchi, Allison et al. 2006) and 
inorganic material (Trefry and Presley 1982) (Owings et al., 2020) that influence microbial 
respiration processes. Therefore, continental slope sediments (>1,000 m water depth) of 
the nGoM could potentially be more microbially active than previously considered. The 
nGoM is a unique environment to study sediment microbial communities linked to 
geochemical parameters due to the proximity of geochemically distinct sedimentary 
regions corresponding to a range of bottom water oxygen concentrations as well as a range 
of organic carbon inputs due to the influence of the Mississippi River on the region.  This 
study combined molecular and geochemical investigations to characterize the effect of a 
dominant riverine system (MARS) on the surrounding shelf and slope ecosystems during 
the hypoxic season and provide insights into the potential influence of sediment carbon 
remineralization pathways on the overlying water column.  
4.3 Materials and methods 
4.3.1 Station locations and core descriptions 
Sediments were collected for coupled molecular and geochemical analyses across 
the Louisiana continental shelf (LCS) in the northern Gulf of Mexico (nGoM) at stations 
across two transects (Figure 4.1) during July-August 2016 onboard the R/V Pelican. The 
first transect, referred to as the shelf transect, investigated geochemical and microbial 
processes across the hypoxic continental shelf. The shelf transect began at St. 6 (15 m water 
depth, located outside of Vermilion Bay, LA) and continued east toward the Mississippi 
River delta (St. 2, 67 m), including stations 5B, C6C, and MK (Figure 4.1, Table 4.1). The 
second transect, referred to as the slope transect, examined the molecular and geochemical 
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differences in the underlying sediment at four stations ranging in depths from 67 m (St. 2) 
on the hypoxic shelf to 1,230 m (St. 10) in the oxygenated waters of the continental slope 
(Figure 4.1, Table 4.1). At most stations, dissolved oxygen, conductivity, and temperature 
were measured as a function of depth in the water column with a Conductivity, 
Temperature and Depth (CTD) rosette (Sea-bird) equipped with oxygen sensor. To avoid 
disturbing the sediment, the rosette was lowered to about 1-2 m above the seafloor. CTD 
casts were not conducted at St. 5B, St. 2, and St. 3. 
 
Figure 4.1. Map of the locations across the Louisiana shelf and slope in the northern 
Gulf of Mexico where sediment cores were collected during a research cruise in late 
July- early August of 2016. Water depths (D, m) and bottom water oxygen 
concentrations measured from CTD profiles (O2, µM kg-1) are provided for reference. 
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Table 4.1 Station location, depth and corresponding bottom water oxygen 



















6 29.060 -92.120 15 2.1 36 26.8 
5B 28.484 -91.199 41 < 63 µMc 36 27.1 
C6C 28.868 -90.478 18 10.43 37 27.4 
MK 28.903 -90.301 20 3.26 37.5 27.6 





3 28.590 -89.603 166 168e 38 28.6 
13 28.308 -89.358 506 113.91 35 13.3 
11 28.121 -89.358 940 154.52 35 9.0 
10 27.420 -89.360 1230 179.68 38 13.4 
a: Oxygen concentrations measured by CTD rosette  
b: Salinity and temperature of overlying waters measured onboard with refractometer and thermocouple 
c: averaged from 2015 and 2017 NOAA dead zone data at a nearby location (Rabalais and Turner, 2015, 
2017)  
d: data from Taillefert cruise 2017 (Owings et al., submitted) 
e: data from June 2006 at a nearby station (Devereux et al., 2015)  
 
4.3.2 Sediment collection, voltammetric profiling, and pore water analyses 
Sediment cores of approximately 20 cm in length and 9.6 cm inner diameter were 
collected using a MC-800 Multi-Corer (Ocean Instruments). After collection, the 
temperature and salinity of the overlying water of the core were measured using a 
thermocouple and refractometer. All cores were voltammetrically profiled immediately 
after collection except in the case of the sediment core from St. 3, which was collected in 
the evening, sealed, stored on deck, and analyzed 12 hours later. Voltammetric profiles 
detected redox active species, including oxygen (O2(aq)), manganese(II)(Mn2+), iron (II) 
(Fe2+), organic-Fe(III) complexes (org-Fe(III)), FeSaq, and ΣH2S (Taillefert, Luther et al. 
2000, Luther, Glazer et al. 2008), using a three-electrode configuration including a 
silver/silver chloride (Ag/AgCl) reference electrode, a platinum (Pt) counter electrode, and 
a gold/mercury (Au/Hg) working electrode (Brendel and Luther 1995, Luther, Reimers et 
al. 1999, Beckler, Kiriazis et al. 2016). Profiles were conducted with less than 1 mm 
resolution using minimally invasive Au/Hg voltammetric microelectrodes connected to a 
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computer-controlled Analytical Instrument Systems, Inc. (AIS, Inc.) MAN-1 
micromanipulator and measured with an AIS, Inc. DLK-70 potentiostat. A combination 
potentiometric minielectrode (1.6 mm diameter, Microelectrodes, Inc.) was used to 
measure pH at each depth along the profile.  The pH minielectrode electrode was connected 
to the potentiostat and pH was calibrated externally using TRIS buffer in synthetic seawater 
(Dickson 1993). Dissolved oxygen was measured by linear sweep voltammetry (LSV) 
between -0.1 and -1.8 V including a preconditioning period of 10 s at -0.1 V and calibrated 
assuming the maximum peak amplitude measured in the overlying water corresponded to 
the bottom water oxygen concentration detected using the CTD oxygen sensors. Mn2+ and 
all other redox species were measured by cathodic square wave voltammetry (CSW) using 
at 200 mV s-1 scan rate, and a preconditioning step of 10 s at -0.1 V. An additional 
preconditioning step consisting of 10 seconds at -0.9 V was added before the 
aforementioned -0.1 V conditioning step if organic-Fe(III) complexes or dissolved sulfide 
signals were detected to clean the electrode surface (Tercier-Waeber and Taillefert 2008). 
The resulting scans of current versus potential were analyzed to quantify peak height and 
surface area using a semi-automated VOLTINT software package (Bristow and Taillefert 
2008). The working electrodes were calibrated with a MnCl2 solution (0-400 µM) in 0.54 
M NaCl before profiling. Fe2+ and ΣH2S concentrations in the pore waters were quantified 
using the pilot ion method with Mn2+ as pilot ion (Luther, Glazer et al. 2008). As the exact 
structures of the organic-Fe(III) and FeSaq complexes are unknown, voltammetric signals 
are reported in peak current intensities normalized to the sensitivity of the manganese 
calibration for the respective core (Taillefert, Luther et al. 2000).   
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After voltammetric microprofiles were completed, the sediment cores were 
sectioned in approximately twenty 7-10 mm sections and pore waters extracted under N2 
atmosphere in a glove bag (Sigma-Aldrich). A pellet of less than 0.5 g of sediment from 
the top 2 sections and every other section afterward was added to RNAlater, flash frozen 
on dry ice, and stored at -20°C for 16s rRNA extraction at Georgia Tech.  The sediment 
sections were then centrifuged for 10 minutes at 3000 rpm and the pore waters were filtered 
through 0.22 µm PES Puradisc syringe filters (Whatman) into polypropylene Falcon tubes 
(Nalgene). To minimize oxidation of the sample, pore waters were then immediately 
transferred to a secondary glove bag under N2 atmosphere and split for subsequent analyses 
of dissolved Fe(II) (Fe2+d) by the Ferrozine method (Stookey 1970), orthophosphates 
(ΣPO43-) by the methylene blue method (Murphy and Riley 1962), and dissolved inorganic 
carbon (DIC) via a flow-injection analysis (Hall and Aller 1992).  Aliquots of pore water 
samples were also added to 0.2 M hydroxylamine at pH 1.0 and stored in the dark for 24 
hours to quantify total dissolved iron (Fetot) by the Ferrozine method and dissolved Fe(III) 
(Fe(III)d) by difference between Fetot and Fe2+ (Stookey 1970). Finally, aliquots were 
analyzed onboard for dissolved Mn (Mnd) by ligand exchange reaction with a porphyrin 
molecule [(α,β,γ,δ-tetrakis(4-carboxyphenyl)porphine (T(4-CP)P)] and absorbance 
measurement at 468 nm (Madison, Tebo et al. 2011) after correction for Fe2+ interference 
by dilution (Owings et al., submitted). The leftover pore waters were frozen at -20°C until 
analysis of ammonium (NH4+) by the indophenol blue method (Strickland and Parsons 
1972) and anions by high performance liquid chromatography (HPLC) without suppression 
at Georgia Tech. Anion separation was achieved with a Waters 1525 pump and a 4.0 mm 
x 150 mm Metrosep Supp 5 anion exchange column (Metrohm) using either 3.2 mM NaCO3 
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/ 1.0 mM NaHCO3 buffer bicarbonate (Cl-, Br-, SO42- in 30-fold diluted samples) or 54 mM 
sodium chloride (NO2-, and NO3- in undiluted samples) as mobile phase. The mobile phase 
was eluted through the column at a flow rate of 0.75 ml min-1 and absorbance was measured 
at 210 nm with a Waters 2487 photodiode array detector (Beckler, Nuzzio et al. 2014). 
Error for dissolved components analysis was propagated from the calibration curves. 
4.3.3 Nucleic acids extraction and Illumina sequencing 
Microbial communities were characterized at every station. In order to relate 
chemical changes within the sediment with potential changes in microbial community 
composition, 10 samples were taken from every core, down to approximately 135 mm, 
with a separation of 5 to about 20 mm between each sample. DNA was extracted using the 
MoBio Power Soil KitTM. Approximately 0.3 grams of sediment was used for extraction, 
yielding approximately 20 ng/µL (in 50 µL) DNA. For Bacteria, 16S rRNA genes were 
amplified using primer pairs 505F and 806R, with PCR primers harboring sample specific 
adapters for de-multiplexing as described previously (Kozich, Westcott et al. 2013). PCR 
reactions were carried out in 25 µL total volume with 0.5µL of each forward and reverse 
primer at (0.2 µM final concentration) with GoTaq green master mix (12.5 µL per 
reaction), 1 µL of template, and 9.5 µL PCR-grade water. PCR reactions consisted of an 
initial denaturation step of 95 degrees C for 5 minutes, followed by 28 cycles of 95 degrees 
C for 1 minute, 55 degrees C annealing for 1 minute, 72 degrees C extention for 2 minutes, 
followed by a final 5 minute extension of 72 degrees. PCR products (5uL) were visualized 
by gel electrophoresis (1% agarose, 1% Gel Red). The remainder of the products (20 µL) 
were cleaned using the QIAQuick PCR clean-up kit, and eluted in 30 µL elution buffer. 
Cleaned PCR products were quantified using the broad range double stranded DNA 
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quantification kit (Thermo Scientific). PCR products were pooled, with each sample-PCR 
product representing 10ng. This pooled mixture was then diluted to 1.2 ng/µL and used for 
further sequencing analyses on an Illumina MiSeq, using a V2 500 cycle paired end mode 
kit.   
Archaeal 16S rRNA gene amplifications were carried out using the same PCR-
recipe as above, with PCR primers Arch516F (TGYCAGCCGCCGCGGTAAHACCVGC) and 
915R (GTGCTCCCCCGCCAATTCCT) (Stahl 1991, Takai and Horikoshi 2000). These 
primers were amended with Illumina adapters specific for the forward and reverse primers, 
barcodes, primer pad, and primer linkers. The thermocycler protocol was similar, with one 
exception, 30 cycles were utilized rather than 28. 
4.3.4 Quality sequence processing analyses 
Amplicon sequences from both Bacterial and Archaeal data sets were analyzed in 
a similar fashion, using the DADA2 pipeline, with differences detailed below. Taxonomy 
was assigned to the representative ASVs from this pipeline using the SILVA rRNA gene 
database (version 132) through the naïve Bayesian classifier method of (Wang, Garrity et 
al. 2007). Sample-taxonomy tables were generated by ‘adding’ the taxonomy information 
for each representative ASV to sample-ASV tables in Qiime-2019.4. Sequences classified 
as chloroplasts or Eukaryota were removed from the final tables. Amplicons obtained using 
universal prokaryotic primers were rarefied to a depth of 50000 reads, while those obtained 
using the archaea specific primer set were rarefied to 1200 reads. Further diversity analyses 
including phylogenetic tree construction, and a- and b-diversity metrics were conducted 
using Qiime-2019.4. 
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4.3.5 Phylogenetic inference 
In order to better characterize the Bathyarcheota group in our dataset, phylogenetic 
approximation of Bathyarchaeal ASVs were inferred by comparing those sequences to the 
Bathyarchaeota database from Zhou, Pan et al. (2018) using BLASTN (97 % similarity 
cutoff). 
4.3.6 Multivariate analyses 
Canonical correspondence analyses (CCA) were performed in R (version 3.6) using 
the vegan package.  Rarefied sample-ASV matrices, and the associated metadata 
(environmental parameters) were used. ASV relative abundances were square root 
transformed while sediment chemistry measurements were log transformed. To identify 
which environmental variables were significant, an ANOVA test was performed on those 
terms of the CCA.  
Co-occurrence network analysis was performed following the pipeline established 
by (Pylro, Roesch et al. 2014), which used SparCC to determine correlations between 
ASVs. This analysis was performed on the ASVs with a relative abundance ³ 0.002 % 
from the ASV table obtained using the universal primer set. Only strong correlations with 
a p-value £ 0.01, and imported into Cytoscape where and Markov clustering method 
(MCL) was applied based on betweenness centrality. 
The Bathyarcheota heatmap was realized using R (version 3.6), package 
‘Heatplus’. Only Bathyarcheota ASVs retrieved from the ASV table obtained using the 
archaea specific primer set were used. For clarity and visibility, only ASVs with a relative 
abundance ³ 1.5 % are presented. 
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4.4 Results 
4.4.1 Mississippi river discharge and visual sediment characteristics 
The Mississippi River discharge from Belle Chasse, LA monitoring station 
(29°51'25", 89°58'40") was 418,556 ± 22,875 cm3 s-1 during this study (Figure C.1). 
Overall, the discharge pattern was transitioning from high discharge (1,330,000 cm3 s-1 
between January and March 2016) to low discharge (229,000 cm3 s-1 in December 2016) 
(Figure C.1, USGS). Sediment cores collected varied in color depending on station location 
(Figure C.2). Across the shelf (St. 6, 5B, C6C and MK), sediments were a mix of gray to 
dark gray with patches of black (Figure C.2). A worm (approx. 6.5 cm long) was discovered 
while sectioning St. 6 sediment core, indicative of active bioturbation (not pictured). 
Interestingly, at St. MK a floc of black sediment was present in the top 7 cm (Figure C.2). 
Sediments from St. 2 and St. 3 were similar with a small band of brown sediments in the 
top few centimeters, followed by dark gray/black sediments to depth. At St. 11, sediments 
contained a thicker layer of brown sediments in the top 4 cm that was distinct from the 
remaining gray sediment below the brown layer (Figure C.2). The sediment core from St. 
10 appeared to be homogenously distributed as brown/gray sediment throughout the core 
(Figure C.2). Station 6, Station 2 and station 10 were chosen as representative stations of 
the shelf, shelf-slope transition, and slope regions (Figure 4.2). The sediment 
biogeochemistry at these three stations are discussed in detail (Figure 4.2) in the results, 
however, the remainder of the stations are briefly discussed and figures for each data set at 
each station are found in the supplemental material. 
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Figure 4.2. Pore water geochemistry (a-c) and bacterial (d) and archaeal (e) 
populations at the family level ( including the 10 most abundant families of each 
sample) at: a) St. 6; b) St. 2; and c) St. 11. Sediment-water interface (SWI) indicated by 
the dashed line. The pH data was not available at St. 2. Mn and Fe signals overloaded 
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voltammetric Mn2+, Fe2+ and org-Fe(III) measurements, as well as Mnd, Fe2+ (St. 6), and 
ΣPO43- (St. 2) concentrations to better display trends at each station. 
4.4.2 Bottom water oxygen concentrations and oxygen penetration depths in the sediment 
Bottom water oxygen concentrations along the shelf transect ranged from 2 to 11 
µM (Table 4.1), therefore falling under the defined conditions of hypoxic (< 63 µM) 
(Rabalais, Díaz et al. 2010). Although not measured in the present study, St. 5B was in the 
hypoxic zone according to 2015 and 2017 historical data (Rabalais and Turner 2015, 
Rabalais and Turner 2017).  In turn, bottom water oxygen concentrations at St. 2 were 
slightly below saturation at114 µM during the summer of 2017 (Owings et al., submitted) 
and close to saturation at 168 µM in 2006 at a station (St. z01 29⁰0.117” N, 89⁰ 32.258”W) 
near St. 2 and 3 was (Devereux, Mosher et al. 2015), suggesting that the hypoxic zone did 
not extend over the shelf. Indeed, bottom waters of the slope stations were oxic and fully 
saturated (Table 4.1). Correlating bottom oxygen concentrations, dissolved oxygen 
concentrations in the sediment core overlying waters were below detection limit of the 
voltammetric microelectrodes (Minimum Detection Limit: MDL ~ 5 µM (Luther, Glazer 
et al. 2008)) across the hypoxic shelf. In turn, overlying waters of the continental shelf 
ranged between 113 and 180 µM kg-1 (Table 4.1) , while oxygen penetration depths (OPDs) 
increased from 4 mm (St.2) to >10 mm across the slope. 
4.4.3 DIC, NH4+, ΣPO43- and pH profiles  
Pore water DIC concentrations were generally higher across the hypoxic shelf than 
across the continental slope (Figure 4.3) and more elevated on the western and eastern ends 
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Figure 4.3. Dissolved inorganic carbon (DIC, mM), NOx=NO2- + NO3- (µM), 
orthophosphate (PO43-, µM), ammonium (NH4+, µM), total dissolved Mn (Mnd, µM), 
sulfate (SO42-, mM), and total dissolved Fe (Fed, µM) measured in the pore waters 
along with dissolved sulfide (ΣH2S, µM) and aqueous FeS (FeS, nA) measured by 
voltammetric microelectrodes as a function of depth at each station using a heat map. 
The map of station locations is included for reference (bottom right). Black dots on each 
plot represent actual measurement locations. Color contours from red to purple represent 
high to low concentrations indicated by the scale to the right of each panel. Plots created 
in Ocean Data View (ODV) software. 
Bottom water DIC concentrations at the shelf stations were between 2-2.8 mM and 
pore water DIC concentrations increased to maximum concentrations of 4.3-5.5 mM at St. 
C6C (Figure C.3Error! Reference source not found.), St. 6 (Figure 4.2a), and St. 5B 
(Figure C.4) around 50 mm below the sediment water, however the peak at St. MK was 
more shallow at 13 mm (Figure C.5).  Deeper, DIC concentrations generally decreased to 
4.2, 3.0 or 2.3 mM at stations 6, 5B and MK respectively.  DIC at St. 2 (closest to the 
Mississippi River delta) increased from 3.0 mM at 3 mm to 7.1 mM at 148 mm (Figure 
4.2b). On the other hand, no variations in DIC concentrations (2.3-3.8 mM) were observed 
in the slope sediments (Figure 4.3). Simultaneously, NH4+ concentrations increased 
constantly with depth from the sea water interface (SWI) to maximum concentrations at 
the bottom of the sediment cores and, similarly to DIC, reached higher maximum 
concentrations at the shelf stations (210-440 µM) than slope stations (113-160 µM) (Figure 
4.3). A few stations displayed linear trends of about 200 µM with slight oscillations at 
depth (St. MK, St. 13, St. 10). St. 11 maintained low concentrations (11-34 µM) until 51 
mm, followed by higher concentrations of 93-149 µM until depth (143 mm), with a peak 
to 360 µM at 86 mm (Figure 4.2c). Similarly, St. 10 maintained low concentrations of NH4+ 
within the first 48 mm (20-78 µM) followed by peaks in concentrations at 71 and 95 mm 
of 896 and 1,023 µM, respectively before a return to concentrations between 144-444 µM 
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between depths 103-151 mm (Figure C.6). NH4+ concentrations for St. C6C and ΣPO43- 
concentrations for St. 5B were not analyzed due to limited sample size. ΣPO43- 
concentrations in shelf sediments were low near the SWI (<30 µM) and peaked to about 
40-80 µM around 20-40 mm and remained elevated through the remainder of the core 
(Figure 4.3, Figure 4.2a, Figure C.3 , Figure C.5, Figure 4.2b). In contrast, the ΣPO43- 
concentrations in the slope stations increased continuously with depth to maximum 
concentrations around 25 µM (Figure 4.3, Figure C.6, Figure C.7, and Figure C.8).  
The overlying water pH ranged between a minimum of 7.5 (St. 6, Figure 4.2a) and 
a maximum of 8.1 (St. C6C, Figure C.3) across the shelf stations and reached a maximum 
(approx. 0.1 units higher than overlying waters) around 3-5 mm below the SWI (Figure 
4.2a,b, Figure C.3, Figure C.4,Figure C.5). Deeper, the pH decreased by about 0.5-0.7 units 
and remained constant between 7.2 (St. 6, Figure 4.2a) and 7.3 (St. C6C, Figure C.3) at 
depth. The overlying water pH of the continental slope stations was generally higher, 
ranging from 7.4 at St. 13 (Figure C.8) to 7.7-7.9 at St. 3, 11, and 10 (Figure C.7, Figure 
4.2c, Figure C.6). pH data was not collected at St. 2. Interestingly, the pH of the continental 
slope stations did not produce a maximum below the SWI, instead the pH decreased 
moderately in comparison to the shelf stations from approximately 3-10 mm below the 
SWI to a pH minimum ranging between 7.1 and 7.6 (Figure C.7, Figure 4.2c, and Figure 
C.6). 
4.4.4 Main sedimentary redox processes in the LCS 
NO2- and NO3- concentrations (presented as NOx=NO2- + NO3- in Figure 4.3) were 
generally low in most shelf and slope sediments with some subsurface maxima found in 
the middle of the shelf (St. C6C and MK) and at St. 3, 10, and 11 on the slope (Figure 4.3). 
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In contrast, NOx concentrations were high at the sediment surface of most of the slope 
stations (St. 3, 13, and 10). At most stations (St.6, 5B, 2, and 13), NOx decreased rapidly 
with depth and remained below 5 µM and 1.8 µM respectively within 20 mm from the SWI 
(Figure 4.2a, Figure C.4, Figure 4.2b, and Figure C.8). The profiles of the easternmost shelf 
stations, St. C6C and St. MK, however, revealed that both NO2- and NO3- concentrations 
increased at depth to maximums of 23 µM NO3- and 6.3 µM NO2- at 115 mm at station 
C6C (Figure C.3), and 11 µM NO3- and 3.9 µM NO2- at 108 mm at station MK (Figure 
C.5).  Although NO2- concentrations remained constant below 2.3 µM throughout the core 
at St. 3 (Figure C.7) and 11 (Figure 4.2c), NO3- concentrations decreased from 19 µM at 
St. 3 and 3.8 µM at St. 11 in the overlying waters to approx. 2 µM at 20 mm, followed by 
a rebound to 12 µM at 67 mm at St. 3 and between 8 and 13 µM with depth at St. 11. In 
turn, St.10 displayed a broad subsurface NO2- peak of 23 µM centered at 20 mm, while 
NO3- concentrations decreased from 37 µM in the overlying waters to 9.8 µM at 27 mm 
and remained stable around this concentration deeper in the sediment (Figure C.6).  
Most stations on the shelf displayed generally low dissolved Mn and dissolved Fe 
concentrations with small peaks at shallow depths in the profiles (Figure 4.3). At St. 6, 
Mnd, Fe2+ and Fe(III)d peaked at 20 mm to concentrations of 102, 36, and 46 µM 
respectively (Figure 4.2a). Although slightly offset with depth, a broad Mn2+ peak (max. 
concentration of 98 µM at 32 mm) was also observed in the voltammetric profile at St. 6, 
while all other redox species remained below detection limit (Figure 4.2a). Such 
differences between voltammetric and pore water measurements likely reflect the fact that 
voltammetric measurements are obtained at one point at each depth in the sediment, 
compared to the pore water measurements that are integrated over the entire slice of 
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sediment from which they are extracted. At St. 5B, a peak in Mnd concentrations (145 µM) 
occurred immediately below the SWI (3.5 mm), followed by a peak in Fe2+ and Fe(III)d 
(11 and 40 µM respectively) at 17 mm. A Fe2+ peak in the voltammetry profile also 
mirrored the Fe2+d peak in the pore waters (Figure C.4). The pore water profile of St. C6C 
displayed a peak in Fe2+ and Fe(III)d of equal concentrations (67-71 µM) at 21 mm and low 
Mnd (< 35 µM) concentrations throughout the core (Figure C.3). The voltammetry profile 
at St. C6C detected Fe2+ throughout the core, except between 33 and 82 mm where Mn2+ 
was detected. Additionally, org-Fe(III) complexes were detected around 30 nA between 
26-84 mm and at depth between 150-197 nA. At St. MK, Mnd in the pore waters remained 
around 4-14 µM throughout the core, and Fe(III)d peaked at 20 mm (36 µM). Dissolved 
Mn and Fe species were below detection limit of the voltammetric measurements at St. 
MK.  
In contrast, dissolved Mn and dissolved Fe concentrations were much higher in the 
slope station sediments (Figure 4.3), although the onset depth of these species in the pore 
waters increased progressively with water depth. As a result, dissolved metals were the 
most abundant at St. 2 compared to the other shelf stations: A broad Mnd peak of 445 µM 
centered at 12 mm that progressively decreased in concentration to 136 µM at 132 mm 
(Figure 4.2b) was accompanied by a modest increase in Fe2+ (to 41 µM at depth) and a 
broad peak in organic-Fe(III) voltammetric signals (between 20-70 mm) that was mirrored 
by the Fe(III)d pore water measurements (Figure 4.2b). The Mnd peak migrated 
progressively deeper in the sediment across the continental slope, whereas Fed 
concentrations generally decreased in the pore waters (Figure 4.3).  At St. 3, Mnd 
concentrations peaked to 181 µM at 13 mm, decreased to 51 µM at 75 mm, and remained 
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constant deeper in the sediment (Figure C.7). Fe2+ and Fe(III)d species appeared around 26 
mm and hovered around 9-40 µM and 34- 62 µM deeper, respectively (Figure C.7). 
Although slightly offset with depth and concentrations, the voltammetric profiles at St. 3 
also revealed a Mn2+ peak (203 µM) at 31 mm before coinciding Fe2+ (433 µM) and org-
Fe(III) complexes (78 nA) peaks around 50 mm. At St. 13, Mnd increased to a maximum 
concentration of 190 µM at 32 mm, dipped to around 100 µM at 60 mm, and remained 
constant deeper in the sediment. Mn2+ was not detected by voltammetry until 75 mm and 
remained relatively low around 25-63 µM deeper in the same sediment. At St. 13, the onset 
of Fe2+ and Fe(III)d production occurred simultaneously around 32 mm, and Fe2+ and 
Fe(III)d concentrations increased up to 21 and 51 µM with depth, although voltammetric 
Fe2+ remained below detection limit and org-Fe(III) signals were small (Figure C.8). Mnd 
concentrations at St. 11 increased from below detection limit at 20 mm to 600 µM at 70 
mm and remained elevated deeper (Figure 4.2c), whereas pore water Fe2+ remained below 
detection limit and Fe(III)d concentrations were around 2 µM (Figure 4.2). In turn, the 
voltammetry profile only showed Mn2+ production at 120 mm to a maximum concentration 
around 307 µM Mn(II) at 140 mm that remained constant deeper, whereas Fe2+ and org-
Fe(III) were not detected throughout the profile (Figure 4.2). Finally, Mnd concentrations 
at St. 10 were below detection limit until 55 mm below the SWI and gradually increased 
with depth to 170 µM at 151 mm, whereas pore water Fe2+ and Fe(III)d remained below 
detection limit and Mn2+ and Fe species were not detected by voltammetry (Figure C.6).  
SO42- concentrations across the shelf and slope ranged from 25-32 mM, with no 
significant decrease with depth at all stations (Figure 4.3), except at St. 2 where SO42- 
decreased to 22.5 mM at 133 mm (Figure 4.2b). Despite no significant decrease in SO42- 
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concentrations, ΣH2S was detected in all shelf station sediments (Figure 4.3) except for the 
westernmost St. 6 (Figure 4.2a). ΣH2S concentrations were low (< 5 µM) but present 
consistently below 25 mm at St. 5B (Figure C.4). ΣH2S was detected in the overlying 
waters (26-31 µM) at St. MK (Figure C.5), formed a sharp peak around 181 µM at 15 mm, 
and decreased progressively deeper (Figure C.5). A similarly sharp ΣH2S peak was found 
below the SWI at St. C6C (41 µM at 18mm) that was followed by another broader peak 
reaching 20 µM between 74 and 116 mm that progressively decreased with depth (Figure 
C.3). Finally, the onset of sulfate reduction as revealed by the ΣH2S depth profile, where 
ΣH2S concentrations increased to approximately 20 µM at 113 mm, remained constant until 
170 mm, then progressively decreased in concentration with depth (Figure 4.2b). In 
contrast, ΣH2S was detected generally in much lower levels at the slope stations (Figure 
4.3), but decreased from the mid-slope stations (5-10 µM) at depth (> 80mm) at St. 3 and 
St. 13 (Figure C.7 and Figure C.8) to below detection limit at the deep St. 11 and St.10 
(Figure 4.2c and Figure C.6). Finally, FeSaq was below detection limits at most stations, 
except on the eastern shelf and on the shelf break (Figure 4.3). Although detected in low 
current intensities (< 5 nA) throughout most of the profile at St. 6C6, FeSaq formed a 
subsurface peak (2-20 nA) between 35-142 mm and hovered around 5 nA deeper at St. 2 
(Figure 4.2b). Similarly, FeSaq was produced below 80 mm at St. 3 and reached current 
intensities oscillating between 5 and 17 nA deeper (Figure 4.3). 
4.4.5 Abiotic factors influencing microbial community structure in the Northern GoM 
b- and a-diversity analyses indicated that microbial communities varied with both 
water column and sediment core depth. Canonical correspondence analysis (CCA) on both 
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prokaryotic and archaea datasets separated microbial communities from shelf stations from 
those from slope stations (Figure 4.4).  
 
Figure 4.4. Ordination plots of Canonical Correspondence Analysis (CCA) obtained 
with: a) universal primers; and b) archaeal specific primers to explore the 
relationship between prokaryotic communities at each station and significant 
environmental variables (p-value<0.01). Only samples with measurements of all 
geochemical parameters were included in analysis (i.e. NH4+ data not available for C6C 
and ΣPO43- data not available for 5B) 
Except for NO2- and org-Fe(III), most chemical species appeared to be significantly 
related to microbial community structure in the prokaryotic dataset (Table C.1a), whereas 
only DIC, NH4+, SO42-, and ΣH2S appeared significantly related to the archaeal dataset 
(Table C.1b). Despite these features, the same trend appeared for both datasets with DIC, 
ΣPO43-, and ΣH2S as the main variables related to shelf microbial structure (p-value £ 0.01), 
whereas NO3- was the most related species to slope microbial assemblages (p-value £ 0.01) 
(Figure 4.4). Moreover, sediment core depth also appeared as a principal variable related 
to the microbial community composition of both datasets (p-value £ 0.01) (Figure 4.4). 
Interestingly, differences in a-diversity were also observed with water column depth, as 






































well as within the sediment in both shelf and slope samples (Figure C.9). Richness 
measured by Faith-phylogenetic diversity index (Faith-pd) decreased between shelf and 
slope in both the prokaryotic (p-value = 0.006) and archaea (p-value = 9.00E-07) datasets, 
while diversity (Shannon index) did not appear to significantly change. On the shelf, 
richness (Faith- pd) of both the prokaryotic (p-value = 0.007) and archaea (p-value = 
0.0008) showed an overall decrease with sediment core depth, whereas diversity (Shannon 
index) of both shelf (p-value = 0.0058) and slope (p-value = 0.05) stations increased with 
sediment core depth only for the archaea dataset. 
4.4.6 Universal prokaryotic primers vs. Archaea specific primers 
Sediment samples used for microbial characterization were collected at all stations 
along with geochemical data. Microbial community composition in sediments was 
evaluated by sequencing 16S rRNA gene amplicons generated using both non-domain-
specific primers that amplify all bacterial and some archaeal groups (Earth Microbiome 
Primers 505F and 806R; “bacterial” amplicons hereafter) as well as Archaea domain-
specific primers that amplify the V4-V5 region of the 16S rRNA gene (516F/915R; 
“archaeal” amplicons hereafter). The initial microbial composition using universal 
prokaryotic primers revealed that a significant portion of the community was represented 
by archaea (15 %). Moreover, in accordance with previous research, MG-I 
Thaumarcaheota was the second most abundant class in our dataset (Learman, Henson et 
al. 2016, Overholt, Schwing et al. 2019), and earlier studies have shown that due to the 
larger proportion of bacteria compared to archaea in many environments, the use of 
universal primers is not enough to accurately capture the entire archaeal diversity (Teske 
and Sørensen 2008, Raymann, Moeller et al. 2017). Hence, in an attempt to better 
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characterize this archaeal diversity, archaea specific primers were used which had showed 
that over 90 % of the archaeal gut diversity in humans and apes was not captured using 
universal prokaryotic primers (Raymann, Moeller et al. 2017). Initial analyses were 
performed on sequence data partitioned at the level of amplicon sequence variant (ASVs) 
using DADA2. ASVs from the bacterial and archaeal datasets were compared against the 
SILVA rRNA gene database (version 132). Sequence counts corresponding to ASVs 
sharing identical taxonomic hierarchies were summed and the rank abundance of ASVs 
was compared among sites. 76 prokaryotic amplicon datasets were rarefied to 50000 
sequences, yielding a total of 70332 ASVs, and 58 archaeal amplicon datasets were rarefied 
to 1200 sequences each, yielding 3999 ASVs. 
In order to compare the specificity of both the universal and archaea specific 
primers in targeting the archaeal community, the bacterial reads from the prokaryotic 
dataset were removed, and all samples were rarefied to 1200 sequences. This new archaeal 
dataset derived from the prokaryotic dataset obtained using universal primers, yielded 77 
samples with a total of 8053 ASVs. In order to see if the extra ASVs obtained using the 
universal primer set were due to the extra number of samples retrieved (77 vs 58), both the 
dataset obtained using universal primers and the one obtained using archaea specific 
primers were filtered to keep the exact same samples. The final archaea datasets contained 
49 samples, and 6127 ASVs using the universal primer set versus 3922 ASVs using the 
archaea specific pair. Despite this difference in number of ASVs retrieved using either the 
universal primer pair or the archaea specific one, the overall trends remained unchanged. 
4.4.7 Microbial community composition along the Northern GoM shelf and slope 
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The entire prokaryotic dataset was dominated by Gammaproteobacteria (19.4 %), 
and Deltaproteobacteria (18.5 %). Nitrosphaeria was the third most abundant class (5.3 
%), followed by Anaerolineae (4.8 %) Phycisphaerae (4.2 %), Bathyarchaeia (3. 4 %), 
Alphaproteobacteria (3.5 %), Bacteroidia (2.9 %), Woesearchaeia (2. 4 %), and 
Acidobacteria-Subgroup22 (1.8 %). Interestingly, most of these groups varied strongly in 
relative abundance and microbial composition at finer taxonomic resolution between shelf 
and slope stations. While samples for microbial and biochemical profiling were collected 
at every station and at different depths within the sediment core, 3 stations including St 6, 
St 2, and St 10 were chosen to represent the general trends observed on the shelf (St 6), on 
the slope (St 10), and on the transition between the two (St 2) (Figure 4.2). Among the 
groups that showed the largest differences between shelf and slope, Bathyarchaeia were 
17 times more abundant on the shelf (Figure 4.2). Other classes that were among the 10 
most abundant at shelf stations, such as Thermoplasmata (~ 3.5 times more abundant on 
the shelf) dominated by Marine Benthic Group D and DHVEG-1, and Anaerolineae (~ 2 
times more abundant on the shelf) dominated by Anaerolineaceae, also showed higher 
relative abundances on the shelf compared to the slope (Figure 4.2). In contrast, Brocadiae, 
Nitrososphaeria, Alphaproteobacteria, and Phycisphaerae were 38, 6, 4 and 2 times more 
abundant on the slope, respectively (Figure 4.2). Moreover, a microbial network analysis 
conducted on the prokaryotic dataset (relative abundances > 0.0002) was able to partition 
the microbial diversity into several clusters which were composed by ASVs that were 
differentially abundant following water column or sediment depth gradients (Figure 4.5).  
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Figure 4.5. Interaction networks of sediment microbial community members. ASVs 
are depicted as circles, and sized and colored based on betweenness centrality values ( the 
larger this value, the larger the size of the circle, and the warmer the color).  Cluster 1 is 
composed by ASVs with higher relative abundances on the slope, cluster 2 is composed by 
ASVs with higher relative abundances on the shelf, and clusters 3 and 4 are composed by 
ASVs particularly abundant in deeper layers of the sediment. For this analysis, only ASVs 
with a relative abundance ³ 0.0002 %, and only interactions with a p-value £ 0.01 were 
included. 
Families including Bathyarchaeia-NA, Desulfobacteraceae, Desulfobulbaceae, 
Anaerolineaceae, Halieaceae, Marine Benthic group D and DHVEG-1, 
Thiohalorhabdaceae, Thioalkalispiraceae, Ectothiorhodospiraceae, Lokiarchaeia-NA, 
4572-13 (Phycisphaerae-MSBL9), Thiotrichaceae, Fusobacteriaceae, 
Methanofastidiosales-NA, and Methanosarcinacea, were part of a single cluster (cluster 
2), which was primarily composed of microorganisms that showed higher relative 
abundances on the shelf (Figure 4.2, Figure 4.5). These particular groups represented about 
~ 30 % of the microbial community on the shelf compared to ~ 8 % on the slope, and 
potentially play an important role in microbial community composition and function in 
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shelf sediments based on network analysis (Figure 4.5, Figure C.2). On the other hand, the 
slope was characterized by higher relative abundances of Nitrosopumilaceae, 
Woeseiaceae, NB1-J-NA (Deltaproteobacteria), Kiloniellaceae, Acidobacteria (Subgroup 
21, 22),  Phycisphaerae-MSBL9 (L21-RPul-D3, SG8-4), Scalinduaceae, 
Nitrosococcaceae, NC10 (Methylomirabilaceae), Nitrospinaceae, Rhodobacteraceae, 
Methyloligellaceae, Nitrospiraceae, and which also appeared as important nodes of a 
separate cluster (cluster 1) on the network analysis, representing slope microbial 
communities (Figure 4.2, Figure 4.5). These groups represented about 35 % of the 
microbial community on the slope, compared to ~ 11 % on the shelf (Figure 4.2). 
Microbial community composition also varied with sediment core depth. On the 
shelf, Bathyarchaeia dramatically increased in relative abundance below ~ 10 cm, as it 
represented an average of ~ 5 % of the community on upper layers compared to ~ 53 % in 
sediments below 10 cm (Figure 4.2). A heat map of the most abundant Bathyarchaeia 
ASVs (> 1.5 % of the archaea dataset) revealed that this group presented strong spatial 
clustering between shelf and slope at the ASV level (Figure C.10). To better characterize 
the bathyarhaeal diversity in the present samples, bathyarchaeal sequences were compared 
to another bathyarchaeal database using BLASTN (Zhou, Pan et al. (2018). This analysis 
showed that subgroup 8 dominated shelf communities, followed by subgroup 15, 12, 13, 
and 17, while subgroup 15 dominated slope communities followed by subgroup 2, 13 , and 
6 (Figure C.10, Table C.2). Other microbial groups such as Anaerolineae-NA, 
Woesearchaeia, Sva0485 (Deltaproteobacteria), SG8-4 (Phycisphaerae-MSBL9), H3.93 
(Dehalococcoida), Methanofastidiosales, Methanosarcinales, Methanocellales, ANME-
1(a, b), and Methanomicrobiales also increased with sediment core depth on the shelf and, 
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by forming clusters 3 and 4 in the network analysis (Figure 4.2, Figure 4.5), appeared 
important players in deeper layers of these sediments. Although less striking than shelf 
sediments, differences in microbial diversity associated with sediment core depth were also 
observed on the slope. For example, NC10, Woesarchaeia, and Scalinduaceae increased in 
relative abundance with sediment core depth (Figure 4.2). 
4.5 Discussion 
4.5.1 Water column depth and sediment core depth represent major drivers of microbial 
community composition 
Both prokaryotic and archaeal datasets were primarily structured by water column 
depth and sediment core depth (Figure 4.2, Figure 4.4). Sediment communities from 
samples along the shelf (St 6 to St 2, < 100 m water column depth) were significantly 
different from sediment communities on the slope (St. 3 to St. 10, >100 m water column 
depth). In addition, a-diversity decreased between shelf and slope stations, which appeared 
stronger in the archaeal dataset (Figure C.9). This decrease in microbial diversity may be 
related to a decrease in organic carbon availability at deep sea stations where inputs from 
both primary production and terrestrial sources may not be as strong compared to shelf 
stations. Interestingly, this result was significant using the Faith-pd index (Figure C9a) but 
not the Shannon index (Figure C.9c) for the prokaryotic dataset, which indicates a decrease 
in richness but not specifically in diversity. Richness (Faith-pd) decreased with sediment 
core depth on the shelf but appeared to stay constant or even increase in deeper layers of 
slope sediments, particularly for the archaea dataset (Figure C.9a,b). On the shelf, this 
result suggests a more constraining environment in deeper layers of the sediment, probably 
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related to a lack of electron donors and acceptors, which may limit microbial development 
(D'Hondt, Rutherford et al. 2002, D'Hondt, Jørgensen et al. 2004). The fact that diversity 
remained unchanged or showed a slight increase with sediment core depth in slope 
sediments, suggests that in contrast to other deep sea sediments, organic carbon may still 
be sufficient available in the deeper layers (between 66 mm and 130 mm) of these 
sediments to sustain a level of microbial diversity similar to the one observed in the upper 
layers. This result may in part be explained by the strong influence of the Atchafalaya and 
Mississippi rivers in this region (Owings et al., 2020), which could transport enough 
organic matter on the slope to maintain microbial diversity throughout the sediment. 
Interestingly, whereas archaeal richness (Faith-pd) decreased with sediment core depth on 
the shelf (Figure C.9), archaeal diversity (Shannon index) increased. In addition to the 
differentiation between shelf and slope stations, b-diversity analysis also revealed 
differences in microbial community structure with sediment core depth in accordance to 
previous studies (Hunter, Mills et al. 2006, Durbin and Teske 2011, Overholt, Schwing et 
al. 2019). This pattern had already been observed in the GoM (Overholt et al., 2019) where 
these factors not only stratified sediment microbial communities but also influenced niche 
diversification across geographically distant regions. In turn, a-diversity in this past study 
appeared to be lower in shallower samples (<100 m water column depth) compared to 
deeper samples (> 400 m), whereas the opposite trend was observed in the present study 
(Figure C.9). 
Similarly, to other sediment studies in the GoM (Reese, Mills et al. 2013, Overholt, 
Schwing et al. 2019), Proteobacteria dominated the entire prokaryotic dataset with an 
average relative abundance of about 42 % at both shelf and slope stations. This phylum 
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was largely dominated by Gammaproteobacteria (19.4 %) and Deltaproteobacteria (18.5 
%) throughout both shelf and slope stations. Some archaeal classes were also particularly 
abundant including Nitrososphaeria (5.3 %), Bathyarchaeia (4 %), Woesearchaeia (2. 4 
%), and Thermoplasmata (1.8 %). The use of these primers in this specific system was not 
particularly useful in better characterizing this portion of the prokaryotic community. 
Indeed, patterns of diversity remained relatively unchanged using either universal or 
archaea specific primers, and the number of samples and archaea ASVs recovered was 
actually higher using the universal primer pair (77 samples versus 58, and 8053 versus 
3999 ASVs). This result suggests that the effectiveness of this primers may be related to 
the environment studied and may not be particularly useful when characterizing sediment 
communities. 
4.5.2 Shelf sediments are characterized by intense carbon remineralization and sulfur 
cycling 
The analysis of microbial community composition relative to the sediment 
geochemistry using Canonical Correspondence Analysis (CCA) revealed that DIC, ΣPO43-
, and ΣH2S were the main variables controlling shelf communities (p-value £ 0.01) (Figure 
4.4). Indeed, DIC, NH4+, and ΣPO43- concentration increased with depth in the pore waters 
on the shelf, indicating that carbon remineralization processes were intensified with depth. 
However, overall concentrations of these species generally decreased eastward from St 6 
to St C6C before increasing again, along with ΣH2S and FeSaq, across the eastern side of 
the shelf (St. MK to St. 2) (Figure 4.3). These two compounds are main indicators of SO42- 
reduction and suggest increase in SO42- reduction on the eastern shelf, despite undetectable 
SO42- loss. In addition, ΣH2S rapidly reduces organic-Fe(III) complexes (Taillefert, Hover 
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et al. 2002), Mn(IV/III) oxides, and Fe(III) oxides, and precipitates rapidly with Fe2+ to 
form FeS(s) (Pyzik and Sommer 1981) but does not precipitate easily with Mn2+ (Luther 
2005). Therefore, low dissolved Fe2+ and Fe(III)d concentrations, lack of org-Fe(III) 
complexes, and the relatively high Mnd concentrations (Figure 4.2a, Figure C.3, Figure 
C.4, and Figure C.5), along with the dark color of the sediment typical of FeS(s) (Figure 
C.2) are all indicative of active SO42- reduction on the continental shelf. In accordance with 
the geochemical data, microbes that are implicated in organic matter degradation, sulfur, 
and methane cycling were enriched at shelf stations. In order of relative contribution on the 
shelf, families such as Bathyarchaeia-NA (~ 7 %), Desulfobulbaceae (~ 5 %) , 
Desulfobacteraceae (~ 5 %), Anaerolineaceae (~ 3. 5 %), Woeseiaceae (~ 3 %), 
Halieaceae (~ 2 %), Marine Benthic group D and DHVEG-1 (~ 1 %), Thiohalorhabdaceae 
(~ 1 %), Thioalkalispiraceae ( ~ 1 %), Lokiarchaea-NA ( ~ 0.7 %), Thiotrichaceae (~ 0.6 
%), Methanofastidiosales-NA ( ~ 0.1 %), and Methanosarcinaceae (~  0.03 %), among 
others, represented important members of the shelf microbial community (Figure 4.2, 
Figure 4.5). Following changes in redox potential and decreases in pH with increasing 
sediment core depth, shifts in shelf microbial community were also observed (Figure 4.2). 
Upper sediment layers were dominated by SRB including Desulfobacteraceae, and 
Desulfobulbaceae (Bahr, Crump et al. 2005, Kümmel, Herbst et al. 2015). Despite having 
relative abundances below 1. 5 %,  several members of the families Thioalkalispiraceae, 
Ectothiorhodospiraceae, Rhodobacteraceae, and Thiotrichaceae, among others, which 
have been related to sulfide oxidation (Cytryn, van Rijn et al. 2005, Franz, Lichtenberg et 
al. 2009, Sakurai, Ogawa et al. 2010, Montoya, Lozada-Chávez et al. 2011, Mori, Suzuki 
et al. 2011, Xu 2014, Devereux, Mosher et al. 2015, Lipsewers 2017) were generally more 
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abundant in the upper layers of the sediment. Similarly, Lokiarchaea which have been 
implied in homoacetogenesis in sulfidic marine sediments (Orsi, Vuillemin et al. 2019), 
and Halioglobus and Parahaliea (Halieaceae) which are both aerobic bacteria implicated 
in denitrification processes (Jung, Jeong et al. 2017, Kim, Noh et al. 2017) were also more 
abundant in surficial sediments. Finally, Woeseiaceae also appeared as important 
contributor to the surface sediment structure on the shelf (Figure 4.2, Figure 4.5). This 
family seems to possess an incomplete denitrification pathway and be able to reduce nitrite 
and NO and produce N2O (Hinger, Pelikan et al. 2019), underlining that denitrification is 
a potentially significant process in these sediments.  
In contrast, deeper sediment layers (below ~ 10 cm) harbored increasing 
proportions of microbes such as Bathyarchaeia, Marine Benthic group D and DHVEG-1, 
Thermoplasmata, Desulfarculaceae, Syntrophobacteraceae, and Dehalococcoidia (Figure 
4.2). Although some of these microorganisms are also members of the SRB, including 
Syntrophobacteraceae and Desulfarculaceae (Julies Elsabé, Brüchert et al. 2012, Liu and 
Conrad 2017), Thermoplasmata contain uncultured members present in anoxic sediments 
(Lloyd, Schreiber et al. 2013) and co-occur with Bathyarchaeia (Bukin, Pavlova et al. 
2016). In turn, Marine Benthic group D and DHVEG-1 are usually found in anoxic, organic 
and sulfide rich environments and some of their members are capable of conducting 
assimilatory sulfate reduction (Lazar, Baker et al. 2017), whereas Dehalococcoidia  
respires on organohalide (Wasmund, Schreiber et al. 2014). More importantly represented 
deep in these sediments, Bathyarchaeia have been linked to acetogenesis and sulfur and 
nitrogen reduction and appear to play a role in methane cycling, as they metabolize 
methane and interact with anaerobic methane-oxidizing archaea, acetoclastic methanogens, 
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and heterotrophic bacteria (Zhou, Pan et al. 2018). This group showed the largest increases, 
particularly at St 6 and St MK where it went from < 0.5 % to representing about 50 % of 
the total microbial community, and showed micro diversity at the ASV level with a clear 
differentiation between ASVs present on the shelf relative to the slope, as well as with 
sediment core depth (Figure C.10). Interestingly, communities more closely related to 
members of subgroup 8 were the most frequent among the most abundant ASVs (>1.5 % 
from the archaea specific primer dataset) in the deep layers of the shelf stations. This 
subgroup has been implicated in  methylotrophic methanogenesis and the degradation of 
lignin and aromatics (Evans, Parks et al. 2015), which suggests that methane cycling may 
be important in the deep sediment layers. Finally, several additional archaeal groups 
implicated in methane metabolism, including Methanosarcinales, Methanofastidiosales, 
Methanocellales, ANME-1(a, b), and Methanomicrobiales (Chen, Wang et al. 2020), while 
in low relative abundances (from 5E-5 to 0.03 % on the shelf), were also more abundant in 
shelf sediments and increased with sediment depth. Other more abundant microbial groups 
linked to hydrocarbons, such as Anaerolineaceae (McIlroy, Kirkegaard et al. 2017), or 
associated with high organic matter content, a potentially symbiotic lifestyle, and methane 
cycling, such as Woesarchaeia (Castelle, Wrighton et al. 2015, Fan and Xing 2016, Liu, 
Klose et al. 2018), tended to increase with sediment core depth (Figure 4.2). In particular, 
Woesearchaeia which did not show strong changes in relative abundance between shelf 
and slope, increased with sediment core depth in both these regions.  Based on network 
analysis, a subset of ASVs from these groups that were more abundant in shelf stations 
appeared as significant taxa structuring the microbial community in this region (Figure 
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4.5). Together with the higher abundance of methanogens, this observation reinforces the 
possibility of methane cycling taking place in the deep sediment layers of the shelf. 
4.5.3 Slope sediments are characterized by metal reduction and nitrogen-related 
microbial processes 
Overall increases in dissolved Mn and Fe concentrations with depth, and below 
detection limit concentrations of FeS and ΣH2S, suggest a transition from SO42- reduction 
in shelf sediments to metal reduction in slope sediments (Figure 4.3) even though CCA 
revealed that NO3- appeared more important in shaping the microbial communities along 
the slope (Figure 4.4, Table C.1). Indeed, NOx concentrations were much higher in 
continental slope sediments and generally decreased with depth (Figure 4.3), except at St. 
11 where an increase in NOx was evident (Figure 4.2c). These geochemical changes were 
accompanied by an increase in nitrogen cycling microbes. In order of relative contribution 
on the slope, these groups included Nitrosopumilaceae ( ~ 10 %), Woeseiaceae (~ 5 %), 
NB1-J-NA (Deltaproteobacteria) (~ 4 %), Kiloniellaceae ( ~ 3 %), Scalinduaceae (~ 2 %), 
Acidobacteria (Subgroup 21, 22;  ~ 2 %), Nitrosococcaceae ( ~ 1 %), NC10 ( ~ 0.8 %), 
Nitrospinaceae ( ~ 0.6 %), Nitrospiraceae ( ~ 0.4 %; Figure 4.2). Based on network 
analysis, these microbes also appeared as important members of the slope microbial 
community, with potentially important functions (Figure 4.5). In accordance with previous 
studies in the GoM, Nitrosopumilaceae was the most abundant family in the dataset, 
particularly in surficial sediments where it reached up to 34 % (Learman, Henson et al. 
2016, Overholt, Schwing et al. 2019). As part of the Thaumarchaeota phylum, these 
organisms are known ammonia oxidizers that usually occupy oxic or suboxic sediment 
layers where either the quality or quantity of organic carbon has decreased (Durbin and 
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Teske 2011, Durbin and Teske 2012, Danovaro, Molari et al. 2016, Learman, Henson et 
al. 2016). Nitrospiraceae was dominated by Nitrospira, and Nitrospinaceae was dominated 
by Nitrospina. Although these groups are usually affiliated with nitrite oxidation, certain 
cultivated Nitrospira strains have recently been implicated in complete ammonia oxidation 
to nitrite and then to nitrate, so-called ‘comammox’ (Daims, Lebedeva et al. 2015, van 
Kessel, Speth et al. 2015). Whereas Nitrospira showed microdiversity at the ASV level 
between shelf and slope stations, the majority of Nitrospira ASVs from either shelf or slope 
sediments were not closely related with any of the subgroups or sublineages of previously 
reported comammox or nitrite-oxidizing organisms. In much lower abundance, 
Nitrosococcaceae are capable of ammonia oxidation (Ward, Johnston et al. 2019), 
Acidobacteria (Subgroup 21,22) are typical of sedimentary environments, have been 
correlated with higher nitrogen concentrations (Chaves, Silva et al. 2019), and are capable 
of both nitrite and nitrate reduction (Ward, Challacombe et al. 2009), whereas 
Scalinduaceae are usually related to anammox (van de Vossenberg, Woebken et al. 2013). 
Finally,  Woeseiaceae possess an incomplete denitrification pathway and reduce nitrite and 
NO to produce N2O (Hinger, Pelikan et al. 2019), whereas Kiloniellaceae conduct 
denitrification (Imhoff and Wiese 2014). On the other hand, members of the NC10 group, 
which was dominated by Methylomirabilaceae (wb1-A12) are known to carry out nitrite 
dependent methane oxidation (He, Geng et al. 2015). 
Similar to shelf stations, changes in microbial community composition were 
observed with changes in redox potential associated with sediment core depth in the slope 
stations (Figure 4.2). In particular, NC10, Woesarchaeia, and Scalinduaceae, which was 
only represented by Candidatus-Scalindua increased in relative abundance. Interestingly, 
 133 
these changes were accompanied by a shift in the trend in Mnd distributions from the 
behavior of a sub-surface peak, to the rise to a maximum concentration at depth (Figure 
4.3). This behavior could be due to reaching super saturation with respect to carbonate 
minerals in shelf-break and mid-slope sediments (Owings et al., 2020), or possibly a link 
between the nitrogen and manganese cycles at depth (Luther, Sundby et al. 1997). 
Moreover, NO2- and NO3- were produced at depth in slope sediments at St. 3, 11, and 
possibly 10 (Figure 4.2c, Figure C.6, and Figure C.7) and, coincidentally, at two shelf 
stations (St. C6C and MK). Anaerobic ammonium oxidation (anammox) to NO2- or NO3- 
linked to Mn(IV/III)O2 reduction has been demonstrated in anoxic sediments (Anschutz, 
Sundby et al. 2000, Bartlett, Mortimer et al. 2007, Bartlett, Mortimer et al. 2008, Lin and 
Taillefert 2014). Although Scalinduaceae (Candidatus Scalindua) are usually linked to 
anammox using nitrite as electron acceptor (van de Vossenberg, Woebken et al. 2013), 
members of this particular genus are able to use Fe(III) and Mn(IV/III) oxides as terminal 
electron acceptors (van Niftrik and Jetten 2012, Bertrand, Bonin et al. 2018). Their increase 
in abundance in deeper layers of these sediments therefore suggests that they might be 
related to subsurface maxima in both NOx and dissolved Mn (Figure 4.2c, Figure C.6, and 
Figure C.7). The high relative abundances of microbes related to nitrogen cycling on the 
slope including nitrifying, denitrifying, and anammox bacteria, supports previous work 
showing that inorganic nitrogen species are an important source of electron acceptors and 
donors in these sediments (Glud, Thamdrup et al. 2009, Swan, Martinez-Garcia et al. 2011, 
Danovaro, Molari et al. 2016, Overholt, Schwing et al. 2019), which can ultimately affect 
global nitrogen budgets. 
4.5.4 Possible cryptic sulfur cycling in shelf and slope sediments 
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As described above, intense sulfur cycling was observed in both the geochemistry 
and microbial data on shelf stations. However, although the sediment pore water 
geochemistry showed a transition from SO42- to metal reduction from the continental shelf 
to the slope, microbes potentially implicated in sulfur cycling persisted on the slope. Both 
SRB and SOB groups generally decreased in relative abundance moving from shelf to slope 
but remained relatively abundant on the slope, with SRB representing over 5 % of the microbial 
community in 55 % of slope samples (Figure 4.2). Deltaproteobacteria and 
Gammaproteobacteria dominated at all stations and included microbes that play an 
important role in SO42- reduction (Figure 4.2). These organisms included 
Desulfobacteraceae, Desulfobulbaceae, Desulfarculaceae, and Syntrophobacteraceae, 
known SRB which were among the most abundant families of Deltaproteobacteria. While 
in lower relative abundance (from ~ 0.003 % to ~ 0.7 %), SOB including 
Thioalkalispiraceae, Ectothiorhodospiraceae, Rhodobacteraceae, Thiotrichaceae, 
Hyphomicrobiaceae, Chromatiaceae, Burkholderiaceae, and Rhodospirillaceae,  (Cytryn, 
van Rijn et al. 2005, Franz, Lichtenberg et al. 2009, Sakurai, Ogawa et al. 2010, Montoya, 
Lozada-Chávez et al. 2011, Mori, Suzuki et al. 2011, Xu 2014, Devereux, Mosher et al. 
2015, Lipsewers 2017), were also present throughout both shelf and slope sediments. The 
high relative abundance and distribution of these taxa along the whole dataset indicate that 
sulfur cycling is a potentially important process in both shelf and slope stations, despite the 
lack of geochemical evidence of these processes occurring on the slope (Figure 4.2).  
Interestingly, the fact that neither SO42- loss nor intense dissolved sulfide 
production were clearly observed in the geochemical profiles at most stations suggests the 
existence of either a biological cryptic sulfur cycle, in which SRB and SOB are 
metabolically active, resulting in no dissolved sulfide accumulation, nor SO42- loss, or a 
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geochemical cryptic cycle, in which SRB produces ΣH2S but abiotic or biotic reduction of 
Fe(III) oxides simultaneously promotes the removal of ΣH2S by precipitation of FeS(s) 
(Reese, Mills et al. 2013, Reese, Witmer et al. 2014). In the present study, iron-reducing 
bacteria (FeRB) including Geobacteraceae ( ~ 0.05 %), Shewanellaceae (~ 0.02 %), and 
Pseudomonadaceae (~ 0.006 % ) (Balashova and Zavarzin 1979, Fredrickson and Gorby 
1996, Hersman, Maurice et al. 1996, Lin, Braster et al. 2005) were present in both shelf 
and slope samples. However, FeRB showed low relative abundances compared to SOB, 
which were on average 10 times higher. Moreover, dissolved Fe2+ concentrations remained 
low throughout the transect, and the cores did not appear particularly black which would 
indicate the presence of FeS. These observations suggest that a biological rather than 
geochemical cryptic sulfur cycle may be going on in these sediments. Nevertheless, actual 
SO42- reduction measurements, metagenomics or other analysis looking at microbial 
function should be performed to confirm and better characterize the presence of the sulfur 
cryptic cycle. 
4.6 Conclusions 
This study reports extensive geochemical, bacterial, and archaeal data sets to 
characterize the main biogeochemical cycles in sediments of the northern Gulf of Mexico 
and understand the interplay between geochemical and microbial pathways in nutrient and 
carbon cycling. Results indicate different geochemical characteristics paired with distinct 
microbial communities across the shelf and slope. Shelf sediments provide geochemical 
evidence of sulfate reduction via detection of ΣH2S and elevated DIC, NH4+, and PO43- 
concentrations in the pore waters. In parallel, the dominant microbial communities across 
the shelf included sulfate-reducing bacteria and sulfur-oxidizing bacteria. In addition, slope 
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sediments display geochemical proxies indicative of increased nitrogen and metal cycling. 
In agreement, the dominant microbial communities include species affiliated with nitrogen 
cycling (including co-annamox) as well as communities capable of using iron and 
manganese as electron acceptors. In addition, indications of cryptic sulfur cycling were 
apparent in the slope sediments in the microbial populations despite the lack of sulfur 
cycling observed in the geochemical proxies. Both the shelf and slope sediment 
communities contained changes in microbial community composition with respect to 
depth, indicative of the change in community due to organic carbon source and 
availabilities of terminal electron acceptors. This study illustrates the importance of pairing 
microbial and geochemical techniques to characterize the relative importance of 





CHAPTER 5. CONCLUSIONS AND SUGGESTIONS 
The importance of microbes in free living and host-associated environments is now 
widely recognized, and studying the factors controlling microbial community assembly is 
necessary to assess ecosystem functioning and health. However, most studies have been 
conducted in terrestrial environments, on mammals or commercial species, and we remain 
naïve about the relative importance of microbiome assembly processes in aquatic 
environments. This is especially true for marine host-associated microbiomes such as those 
of elasmobranchs and marine birds, or those of sedimentary systems that experience high 
variability. In this dissertation, we used 16S rRNA gene sequencing to characterize the 
biogeography of the microbiome of spotted eagle rays, African penguins, and sediments 
from the GoM shelf and slope. Results revealed that microbial communities are 
differentially spatially distributed in host-associated and free-living systems due to the 
differential influence of processes driving microbial community assembly. These studies 
provide a starting point to establish a baseline for what a healthy/natural microbiome looks 
like for each of these systems and encourage future studies to potentially identify specific 
biomarkers to help bridge the gap between microbiome composition, host/ecosystem 
health, and enhance conservation strategies. 
5.1 Effect of body site niche 
 Results from Chapters 2 and 3 describe differences in microbiome composition 
across body sites for spotted eagle rays and African penguins. Microbial communities from 
all sampled body sites were distinct from each other and the surrounding environment, 
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which reflects the action of the host on establishing specific physico-chemical properties 
that act as filters for microbial colonization. Body sites in high contact with components 
from the GIT such as the cloaca or oral cavity microbiota were more distinct from the 
surrounding environment compared to those of other body sites, due perhaps to a larger 
proportion of microbes coming from more internal portions of the GIT in the cloaca and 
oral cavity that may be less affected by environmental factors.  
Supporting this idea, results from Chapter 2 indicated that captivity was associated 
with modifications in the microbiome composition of skin, gills, and cloaca from spotted 
eagle rays. However, the cloaca microbiome structure was more conserved between captive 
and wild individuals compared to those of the gills and skin, perhaps due to the stronger 
influence from microbes of internal regions of the GIT. Despite not being able to establish 
causality, these results suggest that environmental change impacts microbial community 
assembly in these animals, an effect modulated by body site niche. In particular, body sites 
in connection with the GIT appeared more conserved compared to other body sites tested, 
which suggests that either the microbial composition of the GIT is more tightly regulated 
by the host, that the more internal nature of this system reduces the influence of external 
factors on microbial community assembly, or a combination of these possibilities.  
Although differences in microbial community composition associated with captivity 
status and body site niche have already been observed in other animals, this is the first time 
these have been explored in spotted eagle rays and African penguins. These results provide 
an initial framework but future studies that monitor microbiome changes in captive animals 
over time are necessary to establish causality between environmental change and 
 139 
microbiome composition and identify specific drivers of microbiome assembly in these 
animals.  
5.2 Relative effect of phylogeny and uniqueness of the microbiome 
 Results from Chapter 3 revealed that the microbiome of the African penguins’ oral 
cavity was more similar to that of marine mammals, whereas the penguin’s cloaca 
microbiome was more similar to that of other wild birds, which highlights a differential 
effect of phylogeny between these body sites, and the specific lifestyle of penguins between 
land and sea. However,  the penguin microbiome still remained highly species specific with 
high proportions (> 95%) of ASVs not shared with any other host vertebrate used for 
comparison, and high proportions of unassigned sequences which could represent novel 
microbes. ASVs differentially abundant in penguins compared to the environment, 
representing over 1% of the penguin microbiome, and present in 100% of individuals for 
each body site, were identified as potential members of the penguin core microbiome. This 
core microbiome was mostly composed of taxa commonly found in birds including 
members of families Cardiobacteriaceae, Weeksellaceae, and Moraxellaceae, among 
others, which suggests that microbes from these groups are potentially beneficial to their 
bird hosts. Moreover, while taxa known for containing potential pathogens were identified 
as part of the penguin microbiota, long term monitoring of the animals confirms that they 
are healthy, which suggests that the strains identified are non-pathogenic. These results 
provide a starting point for establishing a baseline of what a healthy African penguin 
microbiome looks like. However, further studies including wild populations are needed to 
identify specific microbes and functions that may be related to host health.  
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5.3 Sediment biogeography 
 Results from Chapter 4 indicate a strong spatial distinction in geochemical 
characteristics and microbial community composition between the GoM shelf and slope. 
Both geochemical proxies and microbial communities were indicative of stronger organic 
matter remineralization processes along with sulfur cycling in shelf sediments, while slope 
sediments were characterized by increased metal and nitrogen cycling. These results are 
potentially explained by the differential influence of the MARS which transports large 
amounts of freshwater and sediment material to the shelf. Both the shelf and slope sediment 
communities contained changes in microbial community composition with respect to 
depth, indicative of the change in community due to organic carbon source and 
availabilities of terminal electron acceptors. These results assess the effect of the MARS 
on the surrounding shelf and slope ecosystems during the hypoxic season and provide 
insights into the potential influence of sediment carbon remineralization pathways on the 
overlying water column. However, the effect of the MARS can be highly variable 
throughout the year, which highlights the need to study these sediment’s microbial and 
geochemical processes over time. Moreover, the nGoM is subject to oil exploitation, 
converting it into a high-risk area for accidental oil releases, which reinforces the need to 
establish a baseline of the microbial diversity and ecology of these sediments. 
5.4 Final remarks  
 Microbiomes from free-living and host-associated systems are diverse and variable 
due to the combination effect of different drivers of microbial community assembly. 
However, parsing out the relative effect of these factors is often difficult, and requires 
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monitoring of the microbiome over space and time. For instance, the metagenomic analysis 
of time series samples of animals being transferred from wild to captive conditions would 
allow us to understand the rate of change from a wild microbiome to a captive state and 
help identify, in combination with metadata, major factors influencing this transition. On 
the other hand, establishing what a healthy microbiome looks like is essential to assess the 
effect disturbances on microbiome composition and function. Trends identified here 
provide a starting point for future studies to bridge the gap between microbiome 
composition and host/ecosystem health. For example, exploring changes in microbial 
function using metagenomics or proteomics, in addition to taxonomic changes, may be 
more informative when determining the impact of microbiome shifts associated with 
captivity on host metabolism and health. Moreover, searching for antibiotic resistant genes, 
which are potentially more abundant in captive individuals, could inform us on changes in 
microbiome resilience. Using shotgun metagenomics, we could also identify the level of 
genomic diversity in a more comprehensive way by assessing potential changes in 
genomospecies associated with hosts under captive conditions. This would help 
characterize the loss of genomic diversity at higher resolutions and identify specific 
functions that are selected under captivity. Finally, expanding the geographic range from 
where wild animals are sampled would help narrow down what microbes are beneficial to 










APPENDIX A. SUPPLEMENTARY INFORMATION FOR 
CHAPTER 2: MICROBIOME DIFFERENCES BETWEEN 




Table A.1. Metadata for all samples, including captive and wild spotted eagle rays, 
and cownose rays 
Elasmobranch 














180424_T2 Aetobatus narinari Wild 
 4/24/18 Cloaca F 60-90 0-20  
180424_T2 Aetobatus narinari Wild 
 4/24/18 Gill F 60-90 0-20  
180424_T2 Aetobatus narinari Wild 
 4/24/18 Skin F 60-90 0-20  
180424_T3 Aetobatus narinari Wild 
 4/24/18 Cloaca F 150p 60p  
180424_T3 Aetobatus narinari Wild 
 4/24/18 Gill F 150p 60p  
180424_T3 Aetobatus narinari Wild 
 4/24/18 Skin F 150p 60p  
180424_TI Aetobatus narinari Wild 
 4/24/18 Gill M 60-90 0-20  
180424_TI Aetobatus narinari Wild 
 4/24/18 Skin M 60-90 0-20  
180426_T2M Aetobatus narinari Wild 
 4/26/18 Gill M 150p 60p  
180426_T2M Aetobatus narinari Wild 
 4/26/18 Skin M 150p 60p  
180426_TI Aetobatus narinari Wild 
 4/26/18 Cloaca M 150p 60p  
180426_TI Aetobatus narinari Wild 
 4/26/18 Gill M 150p 60p  
180426_TI Aetobatus narinari Wild 
 4/26/18 Skin M 150p 60p  
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Elasmobranch 














180427_T1 Aetobatus narinari Wild 
 4/27/18 Cloaca F 90-120 20-40  
180427_T1 Aetobatus narinari Wild 
 4/27/18 Gill F 90-120 20-40  
180427_T1 Aetobatus narinari Wild 
 4/27/18 Skin F 90-120 20-40  
180501_TIF Aetobatus narinari Wild 
 5/1/18 Cloaca F 60-90 0-20  
180501_TIF Aetobatus narinari Wild 
 5/1/18 Gill F 60-90 0-20  
180501_TIF Aetobatus narinari Wild 
 5/1/18 Skin F 60-90 0-20  
180503_T1 Aetobatus narinari Wild 
 5/3/18 Gill M 150p 40-60  
180503_T1 Aetobatus narinari Wild 
 5/3/18 Skin M 150p 40-60  
180503_T2 Aetobatus narinari Wild 





 5/3/18 Gill F 90-120 0-20  
180503_T2 Aetobatus narinari Wild 
 5/3/18 Skin F 90-120 0-20  
180503_T3M Aetobatus narinari Wild 
 5/3/18 Gill M 120-150 20-40 
 
180503_T3M Aetobatus narinari Wild 
 5/3/18 Skin M 120-150 20-40 
 
180503_T4M Aetobatus narinari Wild 


















180503_T4M Aetobatus narinari Wild 
 5/3/18 Gill M 120-150 20-40 
 
180503_T4M Aetobatus narinari Wild 
 5/3/18 Skin M 120-150 20-40 
 
180504_T2M Aetobatus narinari Wild 
 5/4/18 Cloaca M 150p 40-60  
180504_T2M Aetobatus narinari Wild 
 5/4/18 Gill M 150p 40-60  
180504_T2M Aetobatus narinari Wild 
 5/4/18 Skin M 150p 40-60  
180504_TIF Aetobatus narinari Wild 
 5/4/18 Cloaca M 150p 40-60  
180504_TIF Aetobatus narinari Wild 
 5/4/18 Gill M 150p 40-60  
180504_TIF Aetobatus narinari Wild 
 5/4/18 Skin M 150p 40-60  
20180509 Aetobatus narinari Wild 
 5/9/18 Gill     
20180509 Aetobatus narinari Wild 
 5/9/18 Skin     
T1F Aetobatus narinari Wild 
 4/25/19 Cloaca F    
T1F Aetobatus narinari Wild 
 4/23/19 Gill F    
T1F Aetobatus narinari Wild 
 4/25/19 Gill F    
T1F Aetobatus narinari Wild 
 4/23/19 Skin F    
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Elasmobranch 














T1F Aetobatus narinari Wild 
 4/25/19 Skin F    
T2F Aetobatus narinari Wild 
 4/25/19 Gill F    
T2F Aetobatus narinari Wild 
 4/25/19 Skin F    
T2M Aetobatus narinari Wild 
 4/23/19 Cloaca M    
T2M Aetobatus narinari Wild 
 4/23/19 Gill M    
T2M Aetobatus narinari Wild 
 4/23/19 Skin M    
T3M Aetobatus narinari Wild 
 4/25/19 Gill M    
T3M Aetobatus narinari Wild 
 4/25/19 Skin M    




















Chex Aetobatus narinari Aquarium 2012 3/5/19 Cloaca 
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Elasmobranch 














Chex Aetobatus narinari Aquarium 2012 3/5/19 Gill 
    
Chex Aetobatus narinari Aquarium 2012 3/5/19 Skin 
    














































































Dan Aetobatus narinari Aquarium 2015 11/14/18 Gill M 
120-
150 20-40 Prazi bath 








Dan Aetobatus narinari Aquarium 2015 11/14/18 Skin M 
120-
150 20-40 Prazi bath 








GrapeNuts Aetobatus narinari Aquarium 
 3/7/19 Cloaca M 120-150 20-40 
 
GrapeNuts Aetobatus narinari Aquarium 
 3/7/19 Gill M 120-150 20-40 
 
GrapeNuts Aetobatus narinari Aquarium 
 3/7/19 Skin M 120-150 20-40 
 
HoneyNut Aetobatus narinari Aquarium 
 3/7/19 Cloaca     
HoneyNut Aetobatus narinari Aquarium 
 3/7/19 Gill     
HoneyNut Aetobatus narinari Aquarium 
 3/7/19 Skin     
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Elasmobranch 


























Magneto Aetobatus narinari Aquarium 
 3/7/19 Cloaca M 90-120 20-40  
Magneto Aetobatus narinari Aquarium 
 3/7/19 Gill M 90-120 20-40  
Magneto Aetobatus narinari Aquarium 
 3/7/19 Skin M 90-120 20-40  




























Sloth Aetobatus narinari Aquarium 2013 3/7/19 Cloaca 
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Elasmobranch 














Sloth Aetobatus narinari Aquarium 2013 3/7/19 Gill 
    
Sloth Aetobatus narinari Aquarium 2013 3/7/19 Skin 
    




















Squishy Aetobatus narinari Aquarium 2013 3/6/19 Skin F 150p 40-60 
 
Squishy Aetobatus narinari Aquarium 2013 6/27/18 Skin F 150p 40-60 Prazi bath 
Cow1 Rhinoptera bonasus Aquarium 2009 7/3/18 Cloaca 
    
Cow1 Rhinoptera bonasus Aquarium 2009 7/3/18 Gill 
    
Cow1 Rhinoptera bonasus Aquarium 2009 7/3/18 Skin 
    
Cow2 Rhinoptera bonasus Aquarium 2011 7/3/18 Cloaca 
    
Cow2 Rhinoptera bonasus Aquarium 2011 7/3/18 Gill 
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Elasmobranch 














Cow2 Rhinoptera bonasus Aquarium 2011 7/3/18 Skin 
    
Cow3 Rhinoptera bonasus Aquarium 2016 7/3/18 Cloaca 
    
Cow3 Rhinoptera bonasus Aquarium 2016 7/3/18 Gill 
    
Cow3 Rhinoptera bonasus Aquarium 2016 7/3/18 Skin 
    
Cow4 Rhinoptera bonasus Aquarium 2016 7/3/18 Cloaca 
    
Cow4 Rhinoptera bonasus Aquarium 2016 7/3/18 Gill 
    
Cow4 Rhinoptera bonasus Aquarium 2016 7/3/18 Skin 
    
Cow5 Rhinoptera bonasus Aquarium 2016 7/3/18 Cloaca 
    
Cow5 Rhinoptera bonasus Aquarium 2016 7/3/18 Gill 
    
Cow5 Rhinoptera bonasus Aquarium 2016 7/3/18 Skin 
    
Cow6 Rhinoptera bonasus Aquarium 2017 7/3/18 Cloaca 
    
Cow6 Rhinoptera bonasus Aquarium 2017 7/3/18 Gill 
    
Cow6 Rhinoptera bonasus Aquarium 2017 7/3/18 Skin 
    
Cow7 Rhinoptera bonasus Aquarium 2018 7/3/18 Cloaca 
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Elasmobranch 














Cow7 Rhinoptera bonasus Aquarium 2018 7/3/18 Gill 
    
Cow7 Rhinoptera bonasus Aquarium 2018 7/3/18 Skin 
    
Longboard 
water Wild water Wild 
 5/3/18 Wild water     
Motedock 
water Wild water Wild 
 5/4/18 Wild water     
Redroof water Wild water Wild  5/4/18 Wild water     
Capt water Capt water Aquarium  2/26/18 Capt water     
Capt water Capt water Aquarium  2/28/19 Capt water     
Capt water Capt water 
Aquarium 
 3/14/19 Capt water     
Capt water Capt water 
Aquarium 
 3/15/18 Capt water     
Capt water Capt water 
Aquarium 
 3/30/18 Capt water       
Capt water Capt water 
Aquarium 
 6/21/18 Capt water     
Capt water Capt water 
Aquarium 
 7/5/18 Capt water     
Capt water Capt water 
Aquarium 
 11/10/18 Capt water     
Capt water Capt water 
Aquarium 
 11/29/18 Aquarium water 
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Table A.2. Pairwise results for a one way analysis of variance (Kruskal-Wallis) for 
all a-diversity metrics between captive cownose (Rhinoptera bonasus) and spotted 
eagle (Aetobatus narinari) rays, and wild spotted eagle rays (Aetobatus narinari) for 
different body sites.* indicates a significant difference p ≤ 0.05, ** indicates p ≤ 0.01, 
*** indicates p ≤ 0.001, **** indicates p ≤ 0.0001, and NS indicates not significant (p > 
0.05). NA indicates no possible comparison. a-diversity metrics include Observed ASVs, 
Shannon diversity index, Pielou’s evenness, and Faith’s Phylogenetic Diversity  
Comparison Diversity Index Cloaca Gill Skin Water 
Captive spotted 
eagle ray (C) 
x 
Wild spotted 
eagle ray (W) 
Observed * W > C *** W > C **** W > C NS 
Shannon NS NS **** W > C NS 
Evenness NS *  C > W *** W > C NS 
Faith’s * W > C ** W > C **** W > C NS 
Captive spotted 
eagle ray (C) 
x 
Captive 
cownose ray (Co) 
Observed * Co > C ** Co > C * Co > C NA 
Shannon * Co > C * Co > C *** Co > C NA 
Evenness * Co > C NS ** Co > C NA 
Faith’s * Co > C * Co > C * Co > C NA 
 
 
Table A.3. Pairwise results for all permutational multivariate analysis of variance 
(PERMANOVA) for all b-diversity metrics between captive cownose (Rhinoptera 
bonasus) and spotted eagle (Aetobatus narinari) rays, and wild spotted eagle rays 
(Aetobatus narinari) for different body sites. * indicates a significant difference p 
≤0.05, ** indicates p ≤0.01, *** indicates p ≤0.001, **** indicates p ≤0.0001, and NS 
indicates not significant (p>0.05). NA indicates no possible. b-diversity metrics include 
Bray-Curtis, Weighted UniFrac, and Unweighted UniFrac 
Comparison Diversity Index Cloaca Gill Skin Water 
Captive spotted 
eagle ray (C) 
x 
Wild spotted eagle 
ray (W) 
Bray-Curtis NS ** *** *** 
Weighted  NS ** ** *** 
Unweighted ** *** *** *** 
Captive spotted 
eagle ray (C) 
x 
Captive 
cownose ray (Co) 
Bray-Curtis NS ** *** NA 
Weighted  * * ** NA 
Unweighted ** *** *** NA 
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 Table A.4. Pairwise results for all permutational multivariate analysis of dispersion 
(PERMDISP) for all b-diversity metrics and body sites for spotted eagle rays 
(Aetobatus narinari) and cownose rays (Rhinoptera bonasus). * indicates a significant 
difference p ≤0.05, ** indicates p ≤0.01, *** indicates p ≤0.001, **** indicates p 
≤0.0001, and NS indicates not significant (p>0.05). NA indicates no possible comparison. 
b-diversity metrics include Bray-Curtis, Weighted UniFrac, and Unweighted UniFrac 
Comparison Diversity Index Cloaca Gill Skin Water 
Captive spotted eagle 
ray (C) 
x 
Wild spotted eagle 
ray (W) 
Bray-Curtis NS ** NS NS 
Weighted  NS NS * NS 
Unweighted NS NS ** ** 




cownose ray (Co) 
Bray-Curtis NS NS NS NA 
Weighted  NS NS NS NA 
Unweighted NS NS NS NA 
 
Table A.5. Pairwise results for a one way analysis of variance (Kruskal-Wallis) for 
all a-diversity metrics between different body sites for cownose (Rhinoptera 
bonasus), and captive and wild spotted eagle rays (Aetobatus narinari).* indicates a 
significant difference p ≤ 0.05, ** indicates p ≤ 0.01, *** indicates p ≤ 0.001, **** 
indicates p ≤ 0.0001, and NS indicates not significant (p > 0.05). NA indicates no 
possible comparison. a-diversity metrics include Observed ASVs, Shannon diversity 
index, Pielou’s evenness, and Faith’s Phylogenetic Diversity 
Comparison Diversity Index 
Captive spotted 











Observed *** G>C NS * G>C 
Shannon **** G>C NS * G>C 
Evenness **** G>C NS NS 




Observed ** S>C * S>C NS 
Shannon ** S>C ** S>C NS 
Evenness * S>C ** S>C * S>C 




Observed NS NS * G>S 
Shannon **** G>S *** S>G NS 
Evenness *** G>S **** S>G NS 
Faith’s NS NS NS 
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Table A.6. Pairwise results for all permutational multivariate analysis of variance 
(PERMANOVA) for all b-diversity metrics between different body sites for cownose 
(Rhinoptera bonasus), and captive and wild spotted eagle rays (Aetobatus narinari). * 
indicates a significant difference p ≤0.05, ** indicates p ≤0.01, *** indicates p ≤0.001, 
**** indicates p ≤0.0001, and NS indicates not significant (p>0.05). NA indicates no 
possible. b-diversity metrics include Bray-Curtis, Weighted UniFrac, and Unweighted 
UniFrac 
Comparison Diversity Index 
Captive spotted eagle 
ray  
(A. narinari) 








Bray-Curtis *** ** NS 
Weighted  *** ** NS 




Bray-Curtis *** ** NS 
Weighted  *** ** NS 




Bray-Curtis *** ** NS 
Weighted  *** ** NS 




Bray-Curtis *** NS ** 
Weighted  *** NS ** 




Bray-Curtis *** NS ** 
Weighted  *** * ** 




Bray-Curtis *** NS ** 
Weighted  *** NS ** 
Unweighted *** ** ** 
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Table A.7. Number of ASVs shared between captive and wild spotted eagle rays 
(Aetobatus narinari), and captive cownose rays (Rhinoptera bonasus) for each body 
site. Proportion refers to the percentage shared out of the total microbial community of 
each body site. Relative abundance refers to the average relative abundance represented 
by shared ASVs for each body site 
   




Number of shared 
ASVs 
Proportion of 
shared ASVs (%) 
Average relative abundance 
of shared ASVs (%) 
Captive spotted 
eagle ray (A. 
narinari)                   
x                                                                          
Wild spotted eagle 
ray (A. narinari) 
cloaca 72 13.00 0.53 
gill 216 15.98 0.14 
skin 306 17.89 0.05 
Spotted eagle ray 
(A. narinari)                   
x                                                                          
Water 
cloaca 355 39.05 0.15 
gill 433 24.26 0.12 
skin 433 20.21 0.14 
 
Captive spotted eagle ray (Aetobatus narinari) 
   
Proportion of 
shared ASVs (%) 
Average relative abundance 
of shared ASVs (%) 
Captive spotted 
eagle ray (A. 
narinari)                   
x                                                                          
Wild spotted eagle 
ray (A. narinari) 
cloaca 72 16.90 0.64 
gill 216 24.74 0.12 
skin 306 34.77 0.20 
Captive spotted 
eagle ray    (A. 
narinari)                   
x                                                                          
Captive cownose 
ray (R. bonasus) 
cloaca 80 14.57 0.55 
gill 196 16.5 0.1 
skin 185 16.55 0.06 
Spotted eagle ray 
(A. narinari)                   
x                                                                          
Water 
cloaca 123 22.40 0.03 
gill 315 26.52 0.16 
skin 238 21.29 0.09 
   
Captive cownose ray (R. bonasus) 
   
Proportion of 
shared ASVs (%) 
Average relative abundance 
of shared ASVs (%) 
Captive spotted 
eagle ray  (A. 
narinari)   
x                                                         
Captive cownose 
ray (R. bonasus) 
cloaca 80.00 10.84 0.11 
gill 196.00 19.48 0.10 
skin 185.00 23.04 0.15 
Captive cownose 
ray (R. bonasus) 
x                                                         
Water 
cloaca 200.00 27.10 0.27 
gill 266.00 26.44 0.19 
skin 171.00 21.30 0.24 
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Table A.8. Number of ASVs shared between different body sites for wild and 
captive spotted eagle rays (Aetobatus narinari), and captive cownose rays 
(Rhinoptera bonasus). Proportion refers to the percentage shared out of the total 
microbial community of each body site. Relative abundance refers to the average relative 
abundance represented by shared ASVs for each body site 
  
Wild spotted eagle ray (Aetobatus narinari) 
  
Number of shared 
ASVs  
Proportion of shared 
ASVs (%) 
Average relative abundance of shared 
ASVs (%) 
Cloaca x Gill Cloaca 300 54.15 0.14 
Gill 22.19 0.12 
Cloaca x 
Skin 
Cloaca 350 63.18 0.13 
Skin 20.47 0.05 
Gill x Skin Gill 662 48.96 0.06 
Skin 38.71 0.04 





Gill 17.53 0.15 
Skin 13.86 0.07 
 
 
Captive spotted eagle ray (Aetobatus narinari) 
 
 
Number of shared 
ASVs  
Proportion of shared 
ASVs (%) 
Average relative abundance of shared 
ASVs (%) 
Cloaca x Gill Cloaca 217 50.94 0.23 
Gill 24.86 0.15 
Cloaca x 
Skin 
Cloaca 252 59.15 0.21 
Skin 28.64 0.21 
Gill x Skin Gill 376 43.07 0.09 
Skin 42.73 0.18 





Gill 18.90 0.16 
Skin 18.75 0.31 
 
 
Captive cownose ray (R. bonasus) 
 
 
Number of shared 
ASVs  
Proportion of shared 
ASVs (%) 
Average relative abundance of shared 
ASVs (%) 
Cloaca x Gill Cloaca 275 51.115 0.136 
Gill 37.162 0.118 
Cloaca x 
Skin 
Cloaca 245 45.539 0.146 
Skin 38.766 0.143 
Gill x Skin Gill 287 38.784 0.115 
Skin 45.411 0.133 





Gill 15.645 0.145 
Skin 20.431 0.163 
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Table A.9. List of common fish pathogens, and number of ASVs and average 
relative abundance of those found in wild and captive spotted eagle rays (Aetobatus 
narinari), and cownose rays (Rhinoptera bonasus) 
Species # ASVs 
Captive         
cownose ray 
(R. bonasus) 
Captive              
spotted eagle ray      
(A. narinari) 
Wild                      
spotted eagle ray        
(A. narinari) 
Aeromonas (all species) 6 0.093 0.189 0.077 
A. caviae Not present    
A. hydrophila Not present    
A. jandaei Not present    
A. salmonicida Not present    
A. sobria Not present    
A. veronii Not present    
Aliivibrio (all species) 1 0.029 0.044 0.001 
A. salmonicida Not present    
Chryseobacterium (all species) 9 0.014 0.014 0.002 
C. balustinum Not present    
C. scophthalmum Not present    
Citrobacter (all species) 1 0.010 0.023 0.022 
C. freundii Not present    
Columnaris (all species) Not present    
Cytophaga (all species) 3 0.004 0.001 0.000 
C. agar Not present    
C. psychrophila Not present    
Edwardsiella (all species) Not present    
E.ictaluri Not present    
E. piscicida Not present    
E. tarda Not present    
Eubacterium (all species) Not present    
E. tarantellae Not present    
Flavobacterium (all species) 9 0.019 0.037 0.015 
F. columnare Not present    
F. branchiophilum Not present    
F. psychrophilum Not present    
Fransicella (all species) Not present    
Halomonadaceae (all species) 23 0.036 0.048 0.007 
H. (Deleya)cupida Not present    
Lactococcus (all species) 2 0.021 0.009 0.005 
L. garvieae Not present    
Moritella (all species) 2 0.021 0.002 0.003 
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Species # ASVs 
Captive         
cownose ray 
(R. bonasus) 
Captive              
spotted eagle ray      
(A. narinari) 
Wild                      
spotted eagle ray        
(A. narinari) 
Moritella viscosa Not present    
Mycobacterium (all species) 9 0.017 0.014 0.000 
M. marinum Not present    
M. chelonei subsp.piscarium Not present    
M.fortuitum Not present    
M. marinum Not present    
M. neoaurum Not present    
Myxobacteria (all species) Not present    
Neorickettsia (all species) 1 0.000 0.000 0.011 
N. helminthoeca Not present    
Nocardia (all species) Not present    
Pasteurellaceae (all species) 4 0.037 0.010 0.010 
P. skyensis Not present    
Photobacterium (all species) 10 0.798 1.051 0.383 
P. damselae 1 7.705 10.450 3.799 
Piscirickettsia (all species) Not present    
P. salmonis Not present    
Pseudomonadaceae (all species) 28 0.037 0.046 0.009 
P. anguilliseptica Not present    
Renibacterium (all species) Not present    
R. salmoninarum Not present    
Rhodococcus (all species) 3 0.024 0.016 0.000 
Serratia (all species) Not present    
S. liquefaciens Not present    
Shewanella (all species) 11 0.024 0.039 0.023 
S. putrefaciens Not present    
Streptococcus (all species) 8 0.065 0.021 0.012 
S. iniae Not present    
S. parauberis Not present    
S. phocae Not present    
Tenacibaculum (all species) 23 0.051 0.029 0.018 
T (Flexibacter). maritimus Not present    
T (Flexibacter). ovolyticus Not present    
T (Flexibacter). psychrophilus Not present    
Vibrio (all species) 33 0.041 0.068 0.100 
V. fischeri Not present    
V. furnissii Not present    
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Species # ASVs 
Captive         
cownose ray 
(R. bonasus) 
Captive              
spotted eagle ray      
(A. narinari) 
Wild                      
spotted eagle ray        
(A. narinari) 
V. ichthyoenteri Not present    
V. logei Not present    
V. pelagius Not present    
V. alginolyticus Not present    
V. anguillarum Not present    
V. cholerae Not present    
V. anguillarum Not present    
V. ordalii Not present    
V. harveyi Not present    
V. vulnificus Not present    
V. splendidus Not present    





Figure A.1. Bar plots representing the relative abundance of microbes associated 
with a) the cloaca, b) the gills, and c) the skin of captive cownose rays (Rhinoptera 
bonasus), captive spotted eagle rays (Aetobatus narinari), and wild spotted eagle 
rays.  Skin communities appear highly distinct between captive and wild spotted eagle 
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Figure A.2. Principal coordinate analysis (PCoA) based upon a Bray-Curtis 
dissimilarity matrix between a) cloaca, b) gill, and c) skin samples for wild and 
captive spotted eagle rays (Aetobatus narinari) and captive cownose rays (Rhinoptera 
bonasus).  Wild spotted eagle rays harbor different microbial communities than captive 
spotted eagle rays, as indicated by the separate clustering, and microbial communities 
from cow-nose rays appear more similar to captive spotted eagle rays (as opposed those 
from the wild) 
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Figure A.3. a-diversity metrics a) observed amplicon sequence variants (ASVs), and 
b) Shannon diversity index, for all body sites (cloaca, gill, and skin) of captive 
cownose rays (Rhinoptera bonasus), captive and wild spotted eagle rays (Aetobatus 
narinari), as well as the surrounding water column.  Cloaca microbiome had lower 
diversity compared to other body sites 
 
Figure A.4. Principal coordinate analysis (PCoA) based upon a Bray-Curtis 
dissimilarity matrix between cloaca, gill, skin, and water samples for captive 
cownose rays (Rhinoptera bonasus).  Microbial communities associated with all body 
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Figure A.5. Bar plots representing the relative abundance of microbes associated 
with the surrounding water of the wild and captive environments.  Taxa are 
classified to the species level where possible 
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APPENDIX B.  SUPPLEMENTARY INFORMATION FOR 
CHAPTER 3: THE MICROBIOME OF THE AFRICAN 
PENGUIN (SPHENISCUS DEMERSUS) REFLECTS ITS 
LIFESTYLE BETWEEN LAND AND SEA 
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Table B.1. Metadata for all samples collected, including penguin (Spheniscus 






date Sex Other 
Brood 
pouch Akila 1_15_16 7_25_18 F Lameness_VaccineReaction 
Cloaca Akila 1_15_16 7_25_18 F Lameness_VaccineReaction 
Fecal 
floor Akila 1_15_16 7_25_18 F Lameness_VaccineReaction 
Oral 
cavity Akila 1_15_16 7_25_18 F Lameness_VaccineReaction 
Leg 
skin Akila 1_15_16 7_25_18 F Lameness_VaccineReaction 
Gland Akila 1_15_16 7_25_18 F Lameness_VaccineReaction 
Brood 
pouch Bernie 3_10_09 6_19_18 M NA 
Oral 
cavity Bernie 3_10_09 6_19_18 M NA 
Leg 
skin Bernie 3_10_09 6_19_18 M NA 
Gland Bernie 3_10_09 6_19_18 M NA 
Nest NA NA NA NA NA 
Brood 
pouch Dapper 1_16_15 7_13_18 M VaccineReaction 
Cloaca Dapper 1_16_15 7_13_18 M VaccineReaction 
Oral 
cavity Dapper 1_16_15 7_13_18 M VaccineReaction 
Dorsal 
skin Dapper 1_16_15 7_13_18 M VaccineReaction 
Leg 
skin Dapper 1_16_15 7_13_18 M VaccineReaction 
Gland Dapper 1_16_15 7_13_18 M VaccineReaction 
Dry 
rock NA NA NA NA NA 
Dry 
rock NA NA NA NA NA 
Brood 
pouch Etana 6_18_09 5_25_18 F ChronicFeatherLoss 
Cloaca Etana 6_18_09 5_25_18 F ChronicFeatherLoss 
Feather Etana 6_18_09 5_25_18 F ChronicFeatherLoss 
Leg 
skin Etana 6_18_09 5_25_18 F ChronicFeatherLoss 
Oral 
cavity Etana 6_18_09 5_25_18 F ChronicFeatherLoss 
Gland Etana 6_18_09 5_25_18 F ChronicFeatherLoss 
Brood 
pouch Jackie 3_11_09 8_29_18 F NoLongerMed 
Brood 
pouch Freya 1_09_14 8_17_18 F NoLongerMed 
Cloaca Freya 1_09_14 8_17_18 F NoLongerMed 
Oral 
cavity Freya 1_09_14 8_17_18 F NoLongerMed 
Leg 







date Sex Other 
Gland Freya 1_09_14 8_17_18 F NoLongerMed 
Dry 
guano NA NA NA NA NA 
Dry 
guano NA NA NA NA NA 
Brood 
pouch Guja 7_7_09 5_8_18 M No 
Cloaca Guja 7_7_09 5_8_18 M No 
Dorsal 
skin Guja 7_7_09 5_8_18 M No 
Oral 
cavity Guja 7_7_09 5_8_18 M No 
Dorsal 
skin Guja 7_7_09 5_8_18 M No 
Gland Guja 7_7_09 5_8_18 M No 
Water NA NA NA NA NA 
Water NA NA NA NA NA 
Cloaca Idili 6_20_09 1_24_19 M PeriodicPoor Feather 
Leg 
skin Idili 6_20_09 1_24_19 M PeriodicPoor Feather 
Oral 
cavity Idili 6_20_09 1_24_19 M PeriodicPoor Feather 
Gland Idili 6_20_09 1_24_19 M PeriodicPoor Feather 
Brood 
pouch Idili 6_20_09 1_24_19 M PeriodicPoor Feather 
Feather Idili 6_20_09 1_24_19 M PeriodicPoor Feather 
Cloaca Jackie 3_11_09 8_29_18 F NoLongerMed 
Feather Jackie 3_11_09 8_29_18 F NoLongerMed 
Leg 
skin Jackie 3_11_09 8_29_18 F NoLongerMed 
Oral 
cavity Jackie 3_11_09 8_29_18 F NoLongerMed 




a 2_28_15 7_3_18 F No 
Cloaca 
Kakeen












a 2_28_15 7_3_18 F No 
Gland 
Kakeen
a 2_28_15 7_3_18 F No 
Cloaca Klipper 
10_09_0
8 6_26_18 F No 
Gland Klipper 
10_09_0























8 6_26_18 F No 
Dorsal 
skin Kymia 1_14_14 5_4_18 M No 
Brood 
pouch Kymia 1_14_14 5_4_18 M No 
Cloaca Kymia 1_14_14 5_4_18 M No 
Leg 
skin Kymia 1_14_14 5_4_18 M No 
Oral 
cavity Kymia 1_14_14 5_4_18 M No 
Gland Kymia 1_14_14 5_4_18 M No 
Brood 
pouch Lila 1_15_13 12_8_18 F No 
Cloaca Lila 1_15_13 12_8_18 F No 
Oral 
cavity Lila 1_15_13 12_8_18 F No 
Dorsal 
skin Lila 1_15_13 12_8_18 F No 
Leg 
skin Lila 1_15_13 12_8_18 F No 
Gland Lila 1_15_13 12_8_18 F No 
Brood 
pouch Manu 2_2_05 6_16_18 M No 
Cloaca Manu 2_2_05 6_16_18 M No 
Oral 
cavity Manu 2_2_05 6_16_18 M No 
Leg 
skin Manu 2_2_05 6_16_18 M No 
Gland Manu 2_2_05 6_16_18 M No 
Nest NA NA NA NA NA 
Brood 
pouch Snap NA NA M NA 
Cloaca Snap NA NA M NA 
Oral 
cavity Snap NA NA M NA 
Dorsal 
skin Snap NA NA M NA 
Leg 
skin Snap NA NA M NA 
Gland Snap NA NA M NA 
Nest NA NA NA NA NA 
Cloaca Pepsi 3_2_09 4_26_18 M No 
Oral 
cavity Pepsi 3_2_09 4_26_18 M No 
Dorsal 
skin Pepsi 3_2_09 4_26_18 M No 
Leg 
skin Pepsi 3_2_09 4_26_18 M No 











8 11_1_18 F HistoryAbnormalEggLaying 
Cloaca QT 
10_12_0












8 11_1_18 F HistoryAbnormalEggLaying 
Gland QT 
10_12_0
8 11_1_18 F HistoryAbnormalEggLaying 
Brood 
pouch Scari 7_10_09 6_2_18 F On loan 
Cloaca Scari 7_10_09 6_2_18 F On loan 
Oral 
cavity Scari 7_10_09 6_2_18 F On loan 
Gland Scari 7_10_09 6_2_18 F On loan 
Shorelin
e NA NA NA NA NA 
Shorelin
e NA NA NA NA NA 
Shorelin
e NA NA NA NA NA 




8 6_8_17 M SingleItemDiet 
Cloaca Tweak 
10_23_0




8 6_8_17 M SingleItemDiet 
Gland Tweak 
10_23_0
8 6_8_17 M SingleItemDiet 
Wet 
rock NA NA NA NA NA 
Wet 
rock NA NA NA NA NA 
Brood 
pouch Zola 3_2_15 6_29_18 F No 
Cloaca Zola 3_2_15 6_29_18 F No 
Oral 
cavity Zola 3_2_15 6_29_18 F No 
Leg 
skin Zola 3_2_15 6_29_18 F No 
Gland Zola 3_2_15 6_29_18 F No 
Cloaca 
Agulha




s 6_2_15 9_12_18 F No 
Cloaca Bacari 1_9_18 NA M AssistHatch  
Oral 
























8 F No 
Cloaca Chiku 
12_29_1




7 NA F No 
Cloaca Divo 1_30_15 5_16_15 M No 
Oral 
cavity Divo 1_30_15 5_16_15 M No 
Cloaca Keni 4_13_09 6_16_18 F ChronicPoorFeather 
Oral 
cavity Keni 4_13_09 6_16_18 F ChronicPoorFeather 
Cloaca Kidogo 3_3_15 3_29_19 M No 








cavity Kumi 1_9_16 11_1_18 M 
ChronicBumblefoot_OpenMouthRespiration_possibleStenot
icNares 
Cloaca Kyan 1_1_14 6_29_18 M ChronicBumblefoot 
Oral 
cavity Kyan 1_1_14 6_29_18 M ChronicBumblefoot 
Oral 
cavity Lizzy 3_6_87 6_23_18 F PoorFeather 
Cloaca Matu 1_19_16 3_4_19 M 3_2019_Bumblefoot 
Leg 
skin Matu 1_19_16 3_4_19 M 3_2019_Bumblefoot 
Oral 
cavity Matu 1_19_16 3_4_19 M 3_2019_Bumblefoot 
Cloaca Mosi 1_28_18 NA F  
Oral 
cavity Mosi 1_28_18 NA F  
Cloaca Obi 3_3_15 11_9_18 M  
Oral 
cavity Obi 3_3_15 11_9_18 M  
Oral 
cavity Rafiki 1_12_18 3_29_19 M  
Cloaca Tamu 3_5_15 6_21_18 M  
Oral 
cavity Tamu 3_5_15 6_21_18 M  
Cloaca Tau 2_6_14 7_1_18 M 2_2019_Bumblefoot_HistoryHeartMurmur 
Oral 
cavity Tau 2_6_14 7_1_18 M 2_2019_Bumblefoot_HistoryHeartMurmur 




cavity Trinity 4_8_09 6_1_18 F 
HistorySeizures_ChronicPoorFeather_ 
VitDdeficiency_SingleDietItem 
Food NA NA NA NA NA 
Food NA NA NA NA NA 
Food NA NA NA NA NA 
Food NA NA NA NA NA 







date Sex Other 
Food NA NA NA NA NA 
Food NA NA NA NA NA 
Food NA NA NA NA NA 
  
Table B.2. Summary of the number of samples and ASVs associated with the oral 
microbiome for each host species. These ASV numbers include ASVs shared between 
body sites, and environmental samples 





African penguin Spheniscus 
demersus 
The present study 35 625 
Urban Cooper's hawk Accipiter cooperii Taylor et al., 2019 30 298 
Great tit Parus major  Kropa ́čkova ́ et al., 2017 20 1711 
Komodo dragon Varanus 
komodoensis 
Hyde et al., 2016 26 3912 
Mangrove monitor Varanus indicus Hyde et al., 2016 1 120 
Gray's monitor Varanus olivaceus Hyde et al., 2016 2 213 
Balck roughneck monitor lizard Varanus rudicollis Hyde et al., 2016 1 91 
Prairie rattlesnake Crotalus viridis Hyde et al., 2016 4 302 
California sea lion Zalophus 
californianus 
Bik et al., 2016 7 125 
Bottlenose dolphin Tursiops truncatus Bik et al., 2016 10 392 





Table B.3. Summary of the number of samples and ASVs associated with the fecal 
microbiome for each host species. These ASV numbers include ASVs shared between 
body sites, and environmental samples 









The present study cloaca 33 700 
Barn swallow Hirundo rustica Kreisinger et al., 2015 cloaca 8 463 
Great tit Parus major  Kropa ́čkova ́ et al., 2017 feces 17 1240 
Broiler Gallus gallus 
domesticus 
Videnska et al 2014 feces 27 1480 
Hen Gallus gallus 
domesticus 




















Bik et al., 2016 cloaca 15 119 




Table B.4. Summary of penguin’s oral microbiome unique sequences (ASVs not 
shared with any other vertebrate host) with a relative abundance > 1 % 



























Table B.5. Summary of penguin’s fecal microbiome unique sequences (ASVs not 
shared with any other vertebrate host) with a relative abundance > 1 % 


























Table B.6. Pairwise results for all permutational multivariate analysis of variance 
(PERMANOVA) for weighted UniFrac distances between penguin body sites and 
environmental samples. * indicates p ≤0.05, and NS indicates not significant 
Comparison p-value 
Cloaca x DryRock * 
Cloaca x Feather * 
Cloaca x FecalFloor * 
Cloaca x Food * 
Cloaca x Gland * 
Cloaca x GuanoFloor * 
Cloaca x Mouth * 
Cloaca x Nest * 
Cloaca x Pouch * 
Cloaca x Shoreline * 
Cloaca x SkinBack * 
Cloaca x SkinLeg * 
Cloaca x WetRocks * 
Cloaca x water * 
DryRock x Feather NS 
DryRock x FecalFloor NS 
DryRock x Food NS 
DryRock x Gland NS 
DryRock x GuanoFloor NS 
DryRock x Mouth * 
DryRock x Nest NS 
DryRock x Pouch NS 
DryRock x Shoreline NS 
DryRock x SkinBack NS 
DryRock x SkinLeg NS 
DryRock x WetRocks NS 
DryRock x water NS 
Feather x FecalFloor NS 
Feather x Food NS 
Feather x Gland NS 
Feather x GuanoFloor NS 
Feather x Mouth * 
Feather x Nest * 
Feather x Pouch NS 
Feather x Shoreline NS 
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Comparison p-value 
Feather x SkinBack NS 
Feather x SkinLeg NS 
Feather x WetRocks NS 
Feather x water NS 
FecalFloor x Food NS 
FecalFloor x Gland * 
FecalFloor x GuanoFloor NS 
FecalFloor x Mouth * 
FecalFloor x Nest NS 
FecalFloor x Pouch * 
FecalFloor x Shoreline NS 
FecalFloor x SkinBack * 
FecalFloor x SkinLeg * 
FecalFloor x WetRocks NS 
FecalFloor x water NS 
Food x Gland * 
Food x GuanoFloor NS 
Food x Mouth * 
Food x Nest * 
Food x Pouch * 
Food x Shoreline * 
Food x SkinBack * 
Food x SkinLeg * 
Food x WetRocks NS 
Food x water * 
Gland x GuanoFloor * 
Gland x Mouth * 
Gland x Nest * 
Gland x Pouch NS 
Gland x Shoreline * 
Gland x SkinBack * 
Gland x SkinLeg * 
Gland x WetRocks * 
Gland x water * 
GuanoFloor x Mouth * 
GuanoFloor x Nest NS 
GuanoFloor x Pouch * 
GuanoFloor x Shoreline NS 
GuanoFloor x SkinBack NS 
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Comparison p-value 
GuanoFloor x SkinLeg * 
GuanoFloor x WetRocks NS 
GuanoFloor x water NS 
Mouth x Nest * 
Mouth x Pouch * 
Mouth x Shoreline * 
Mouth x SkinBack * 
Mouth x SkinLeg * 
Mouth x WetRocks * 
Mouth x water * 
Nest x Pouch * 
Nest x Shoreline  
Nest x SkinBack * 
Nest x SkinLeg * 
Nest x WetRocks NS 
Nest x water NS 
Pouch x Shoreline * 
Pouch x SkinBack * 
Pouch x SkinLeg NS 
Pouch x WetRocks * 
Pouch x water * 
Shoreline x SkinBack * 
Shoreline x SkinLeg * 
Shoreline x WetRocks NS 
Shoreline x water NS 
SkinBack x SkinLeg * 
SkinBack x WetRocks * 
SkinBack x water * 
SkinLeg x WetRocks * 
SkinLeg x water * 




Table B.7. Summary of the number of ASVs shared between each penguin 
(Spheniscus demersus) body site and the environment, and of the number of unique 
ASVs (not shared with environmental samples) for each penguin body site, as well 
as their associated proportion 
Body site number of ASVs 
shared with 
environment 
proportion represented by 
ASVs shared with the 
environment 





cloaca 336 41.227 182 22.331 
oral cavity 291 44.769 120 18.462 
brood pouch 709 61.921 103 8.996 
feather 290 65.315 12 2.703 
uropygial gland 674 63.168 75 7.029 
dorsal skin 511 62.931 52 6.404 




Table B.8. Summary of the number of ASVs unique to each penguin (Spheniscus 
demersus) body sites, including the taxonomic assignment. Unique ASVs correspond 
to ASVs only present in one body site and not shared with either other penguin body sites 
or environmental samples of the penguin exhibit 
Body site Taxonomy Number of ASVs 























Brood pouch Psychrobacter-NA 3 
Suttonella-NA 1 
Kocuria-NA 1 




SkinLeg Oceanisphaera-NA 1 








Table B.9. List of pathogens, number of ASVs, and relative abundance (%) present 
in penguin body sites 









Escherichia/Shigella 1 0.067 0.003 0.491 0.449 3.151 0.206 0.987 
Pseudomonas 29 0.006 0.005 0.227 0.311 0.111 0.662 0.04 
Streptococcus 9 0.023 0.002 0.562 0.049 0.396 0.216 0.053 
Enterococcus 2 0.006 0 0.004 0.007 0.102 0.006 0 
Staphylococcus 9 0.021 0.019 1.738 0.676 0.8 1.016 0.4 
Campylobacter 7 3.024 0.8 0.196 0.064 0.222 0.074 0.173 
Clostridium 10 0.573 0.006 5.087 2.509 0.996 2.804 3.427 
Mycoplasma  23 0.264 2.934 0.038 0.056 0.32 0.028 0.04 
Mycobacterium 5 0.001 0 0.013 0.013 0.027 0.006 0 
Ornithobacterium  0.56 4.653 1.022 2.427 4.244 2.252 2.293 
Coenonia  0.361 14.905 1 0.709 3.253 0.22 0.933 
Prevotella  0 0 0.022 0.007 0 0.006 0 
Erysipelothrix  0.015 0.007 1.291 0.973 0.507 1.166 0.2 
Salmonella Not present        
Klebsiella Not present        
Yersinia Not present        
Pasteurella Not present        
Listeria Not present        
Chlamydia Not present        
Borrelia Not present        
Anaplasma Not present        





Figure B.1. Box plots representing differences in a-diversity (Observed ASVs, and 
the Shannon index) between the oral microbiome of various vertebrate hosts 
including birds, reptiles, and mammals 
 
 
Figure B.2. Box plots representing differences in a-diversity (Observed ASVs, and 
the Shannon index) between the fecal microbiome of various vertebrate hosts 





















































































































































































































Figure B.3. Box plots representing differences in a-diversity (Observed ASVs, and 
the Shannon index) between different penguin (Spheniscus demersus) body sites and 














































































































































































































Figure B.4. Heat map showing the relative abundances of Tenericutes in penguins 
(Spheniscus demersus)’ food, oral and cloaca samples at the ASV level. Hierarchical 
clustering of the samples is represented by the dendrogram on the left, while ASVs 

































































































































































































































APPENDIX C. SUPPLEMENTARY INFORMATION FOR 
CHAPTER 4: WATER COLUMN AND SEDIMENT CORE 
DEPTH DRIVE SPATIAL DECOUPLING OF SEDIMENT 




Table C.1. Results of test of significance of environmental variables for Canonical 
Correspondence Analysis on both the prokaryotic and Archaea specific datasets. * 
indicates a significant difference p ≤ 0.05, ** indicates p ≤ 0.01, *** indicates p ≤ 0.001, 
**** indicates p ≤ 0.0001, and NS indicates not significant (p > 0.05) 
 p-value 
Parameter Prokaryotic data set Archaea dataset 
DIC (mM) *** *** 
PO4 (uM) *** NS 
Mntot (uM) ** NS 
Fetot (uM) * NS 
NH4 uM) * * 
NO3 (uM) ** NS 
NO2 (uM) NS NS 
SO4  (uM) * * 
H2S (uM) ** ** 
FeIII-L  (nA) NS NS 





Table C.2. Phylogenetic approximation of Bathyarchaeal ASVs inferred by 
comparing those sequences to the Bathyarchaeota database from Zhou, Pan et al. 
(2018) using BLASTN (97 % similarity cutoff). ASVs included correspond to those 
presented in the heatmap (Figure C.10) 
Sediment 
region ASV Ref_Name Subgroup 
shelf Bathy_356 MCG-15_FR695318.1 15 
shelf Bathy_27 KC925875.1.915_1 15 
shelf Bathy_396 MCG-15_AB301865.1 15 
shelf Bathy_397 MCG-15_AB301865.1 15 
shelf Bathy_1190 KC925912.1.915_1 8 
shelf Bathy_40 KC925875.1.915_1 15 
shelf Bathy_1059 MCG-8_DQ363807.1 8 
shelf Bathy_1230 KC003572.1.884_1 1 
shelf Bathy_319 MCG-15_DQ641883.1 15 
shelf Bathy_661 MCG-12_GQ848385.1 12 
shelf Bathy_574 EF203596.1.898_1 13 
shelf Bathy_937 MCG-12_GQ848385.1 12 
shelf Bathy_20 KC925875.1.915_1 15 
shelf Bathy_938 MCG-12_GQ848385.1 12 
shelf Bathy_901 MCG-8_DQ363807.1 8 
shelf Bathy_196 MCG-17_FJ404037.1 17 
shelf Bathy_1012 KX077312.1.914_1 8 
shelf Bathy_943 MCG-12_GQ848385.1 12 
shelf Bathy_943 MCG-12_GQ848385.1 12 
shelf Bathy_1011 MCG-8_DQ363807.1 8 
shelf Bathy_823 AB213058.1.1549_1 8 
shelf Bathy_930 **** 8 
shelf Bathy_1213 KC925912.1.915_1 8 
shelf Bathy_825 AB213058.1.1549_1 8 
shelf Bathy_1211 KC925912.1.915_1 8 
shelf Bathy_720 JX492958.1.890_1 13 
shelf Bathy_941 MCG-12_GQ848385.1 12 
shelf Bathy_1055 MCG-8_DQ363807.1 8 
shelf Bathy_751 GQ927628.1.918_1 8 
shelf Bathy_757 GQ927628.1.918_1 8 
shelf Bathy_848 MCG-12_GQ848385.1 12 
slope Bathy_209 MCG-17_FJ264803.1 17 
slope Bathy_334 AB797651.1.1428_1 15 
slope Bathy_355 MCG-15_FR695318.1 15 
slope Bathy_414 MCG-15_EU385859.1 15 
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Sediment 
region ASV Ref_Name Subgroup 
slope Bathy_1253 DQ302018.1.863_1 13 
slope Bathy_795 MCG-6_FJ264555.1 6 
slope Bathy_202 MCG-17_FJ264803.1 17 
slope Bathy_345 MCG-15_EU385859.1 15 





Figure C.1. Mississippi River Discharge data (cm3 s-1) at the Belle Chasse, LA 






















Figure C.2. Pictures of the cores showing variations in sediment color and stratification at 
the different locations. Thin, medium, and thick white and black lines represent depth 
intervals of 1, 2, and 5 cm respectively. The inset picture of the St. MK sediment core 
provides a better contrast of the top 14 cm. A picture of the sediment core from St. 13 was 




Figure C.3. Depth microprofiles at St. C6C of O2, Mn2+, Fe2+, H2S, org-Fe(III) 
complexes and FeSaq (first and second panel) as well as pH (second panel) obtained 
with voltammetric and potentiometric microelectrodes.  Depth profiles of pore water 
species DIC, NH4+(third panel), Fe2+, Fe(III)d, Mnd (fourth panel), NO3-, NO2-, and SO42- 
(fifth panel). pH and NH4+ data were not available (NA)  
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Figure C.4. Depth microprofiles at St. 5B of O2, Mn2+, Fe2+, H2S, org-Fe(III) 
complexes and FeSaq (first and second panel) as well as pH (second panel) obtained 
with voltammetric and potentiometric microelectrodes.  Depth profiles of pore water 
species DIC, NH4+(third panel), Fe2+, Fe(III)d, Mnd (fourth panel), NO3-, NO2-, and SO42- 
(fifth panel). ΣPO43- data were not available (NA) 
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Figure C.5. Depth microprofiles at St. MK of O2, Mn2+, Fe2+, H2S, org-Fe(III) 
complexes and FeSaq (first and second panel) as well as pH (second panel) obtained 
with voltammetric and potentiometric microelectrodes.  Depth profiles of pore water 





Figure C.6. Depth microprofiles at St. 10 of Mn2+, Fe2+, H2S, S2O3-, org-Fe(III) 
complexes and FeSaq (first and second panel) as well as pH (second panel) obtained 
with voltammetric and potentiometric microelectrodes.  Depth profiles of pore water 
species DIC, NH4+(third panel), Fe2+, Fe(III)d, Mnd (fourth panel), NO3-, NO2-, and SO42- 




Figure C.7. Depth microprofiles at St. 3 of O2, Mn2+, Fe2+, H2S, org-Fe(III) 
complexes and FeSaq (first and second panel) as well as pH (second panel) obtained 
with voltammetric and potentiometric microelectrodes.  Depth profiles of pore water 





Figure C.8. Depth microprofiles at St. 13 of O2, Mn2+, Fe2+, H2S, S2O3-, org-Fe(III) 
complexes and FeSaq (first and second panel) as well as pH (second panel) obtained 
with voltammetric and potentiometric microelectrodes.  Depth profiles of pore water 
species DIC, NH4+(third panel), Fe2+, Fe(III)d, Mnd (fourth panel), NO3-, NO2-, and SO42- 





Figure C.9. a-diversity metrics A) and B) Faith phylogenetic index (Faith-pd), and 
C) and D) Shannon diversity index, of shelf and slope sediments according to 






























Figure C.10. Heat map showing the relative abundances of Bathyarchaeota in shelf 
and slope sediments. Hierarchical clustering of the samples is represented by the 
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